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In eukaryotes, the genomic double-stranded DNA (dsDNA) coils around histones to 
form nucleosomes. Arrays of these nucleosomes bundle together to generate 
chromatin. Most DNA-related processes require interactions between chromatin-
protected DNA and cellular machinery. Access of cell machinery to genomic DNA is 
partially regulated by the position and stability of nucleosomes, which may be 
influenced by changes in nucleosomal DNA. DNA is composed of adenine (A), 
guanine (G), cytosine (C), thymine (T) nucleotides and their derivatives. It has been 
shown that some C derivatives participate in directing multiple biological processes, 
and aberrant modification patterns are often linked to diseases. It has been proposed 
that T derivatives exhibit similar effects. This thesis focuses on elucidating the effect 
of naturally occurring DNA modifications on the properties of dsDNA and 
nucleosomes. 
 
dsDNA sequences systematically modified with various T derivatives were 
characterized using classical biophysical techniques to assess the effect of these 
DNA modifications. The results indicate that in the sequence context studied, 5-
hydroxymethyluracil modifications destabilize dsDNA, while dense symmetrical 5-
formyluracil (fU) modifications alter the dsDNA structure. These effects may provide 
clues to the differential protein recruitment observed in previous research. 
 
In vitro studies on nucleosome occupancy and stability revealed that 5-
formylcytosine (fC) modifications have positive effects on nucleosome formation and 
stability compared to the unmodified counterpart by influencing the intrinsic 
biochemical and biophysical properties of the nucleosomes. These results provide 
casual links for the observation in vivo between fC and the increased nucleosome 
occupancy and positioning. In order to further understand the positional effect of fC 
on the nucleosomes, a method was developed for quick and reliable incorporation of 
C derivatives into dsDNA at desired positions. 
 
The positive effect of fC modifications on nucleosome occupancy and stability 
observed here has necessitated further studies to gain deeper insights into the 
biological functions of fC in the nucleosome context. Cryo-EM can be used to 
elucidate the structural foundation for the changes fC posts to nucleosome, and 
protein interacting assays will identify the cellular machineries specifically 
recruited/repulsed by fC-modified nucleosomes. 
 
The effect of DNA modifications elucidated by the above studies advances our 
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Abstract 
In eukaryotes, the genomic double-stranded DNA (dsDNA) coils around 
histones to form nucleosomes. Arrays of these nucleosomes bundle together 
to generate chromatin. Most DNA-related processes require interactions 
between chromatin-protected DNA and cellular machinery. Access of cell 
machinery to genomic DNA is partially regulated by the position and stability 
of nucleosomes, which may be influenced by changes in nucleosomal DNA. 
DNA is composed of adenine (A), guanine (G), cytosine (C), thymine (T) 
nucleotides and their derivatives. It has been shown that some C derivatives 
participate in directing multiple biological processes, and aberrant modification 
patterns are often linked to diseases. It has been proposed that T derivatives 
exhibit similar effects. This thesis focuses on elucidating the effect of naturally 
occurring DNA modifications on the properties of dsDNA and nucleosomes. 
 
dsDNA sequences systematically modified with various T derivatives were 
characterized using classical biophysical techniques to assess the effect of 
these DNA modifications. The results indicate that in the sequence context 
studied, 5-hydroxymethyluracil modifications destabilize dsDNA, while dense 
symmetrical 5-formyluracil (fU) modifications alter the dsDNA structure. These 
effects may provide clues to the differential protein recruitment observed in 
previous research. 
 
In vitro studies on nucleosome occupancy and stability revealed that 5-
formylcytosine (fC) modifications have positive effects on nucleosome 
formation and stability compared to the unmodified counterpart by influencing 
the intrinsic biochemical and biophysical properties of the nucleosomes. 
These results provide casual links for the observation in vivo between fC and 
the increased nucleosome occupancy and positioning. In order to further 
understand the positional effect of fC on the nucleosomes, a method was 
developed for quick and reliable incorporation of C derivatives into dsDNA at 
desired positions. 
 
The positive effect of fC modifications on nucleosome occupancy and stability 
observed here has necessitated further studies to gain deeper insights into 
the biological functions of fC in the nucleosome context. Cryo-EM can be 
used to elucidate the structural foundation for the changes fC posts to 
nucleosome, and protein interacting assays will identify the cellular 
machineries specifically recruited/repulsed by fC-modified nucleosomes. 
 
The effect of DNA modifications elucidated by the above studies advances 
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1.1 A Brief History of Heredity and Genes 
In 1866, Gregor Johann Mendel, the “Father of Modern Genetics”, published 
his paper “Experiments in Plant Hybridization”1, 2, in which he described his 
observations on the inheritance of traits in peas. He proposed the principles of 
heredity with three basic laws of inheritance:  
• the law of segregation, stating that the paired hereditary 
determinants segregate in equal probability during the formation of 
gametes;  
• the law of dominance, introducing the concept of dominant and 
recessive genes;  
• the law of independent assortment, suggesting all heredity factors 
worked independently from each other.  
However, this great work was forgotten until 1900, when Hugo de Vries, Carl 
Correns and Erich von Tschermak independently rediscovered and verified 
Mendel’s observations in a variety of species. Hugo de Vries named the units 
responsible for inheritance of different traits “pangenes” in his book 
“Intracellular Pangenesis”. This was later shortened to “genes”, the term that 
is still used today.3, 4 
 
Meanwhile, as early as 1875, Eduard Strasburger, Walther Flemming and 
Edouard van Beneden, described a cellular matter that was subsequently 
called “chromosome” by W. von Waldeyer-Hartz as this material absorbed 
 2 
basophilic aniline dyes strongly (chromo- for “color”, -some for “body”).5 In 
1902, Walter Sutton and Theodore Boveri observed that chromosomes 
separated and halved in number during meiosis.6-8 This observation provided 
molecular explanations for Mendel’s law of segregation and law of 
independent assortment, establishing chromosomes as the basis of heredity.2 
Subsequently, Thomas Morgan and Alfred Sturtevant proposed gene theory 
stating that genes were in a linear arrangement on the chromosome, and 
constructed the first linear map of genes in Drosophila9. In 1928, Frederick 
Griffith used two different strains (R and S) of Streptococcus pneumoniae with 
differing pathogenicity to study the basis of heredity in mice. The fatal S strain 
formed “smooth” colonies through its production of a polysaccharide coating 
that protected it against the host’s immune system and caused pneumonia. 
The nonpathogenic R strain lacked the ability to produce this coating and 
instead formed a “rough” colony of nonvirulent bacteria. When Griffith injected 
a mouse with either a heat-killed S strain or a live R strain, the mouse did not 
develop pneumonia, however, when a combination of these two strains was 
injected, the mouse became infected and died. As a result, Griffith suggested 
that there was a component transfer (termed “transforming principle” by 
Griffith) from the heat-killed S strain to the live R strain which lead to the 
production of a polysaccharide coating and subsequent development of fatal 
pneumonia.10 However, it was not clear whether the hereditary material was 
deoxyribonucleic acid (DNA), ribonucleic acid (RNA) or protein from the 
bacteria. Using an elegant in vitro enzyme digestion assay, Oswald Avery, 
Colin MacLeod and Maclyn McCarty demonstrated that Griffith’s bacterial 
transforming principle was only pathogenic when digested with ribonuclease 
and protease, and activity was lost when digested with deoxyribonuclease.11 
They concluded the hereditary material in bacteria is DNA. Furthermore, in 
1952, Alfred Hershey and Martha Chase demonstrated that DNA was the 
hereditary material in a virus by using isotopic labelling experiments with 
bacteriophage T2 virus (phage) infecting Escherichia coli (E. coli).12 The 
phage was known to contain protein, rich in sulfur, and DNA, rich in 
phosphorus. Therefore, to determine whether protein or DNA was the 
hereditary material, they cultured the phage and E. coli in both 32P media and 
35S media separately. After the progeny phages were labelled with the 
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respective isotopes, they were incubated with new E. coli, where the labelled 
phages infected unlabelled E. coli by injecting their heredity material into the E. 
coli for propagation. The old phage coats left outside infected E. coli were 
then separated from the media using a kitchen blender in order to discern 
them from the hereditary material inside E. coli. Finally when the new progeny 
phages broke out of E. coli, they were analyzed and revealed that the phage 
originating from the 32P media culture retained over 30% of the original 32P, 
while the phage originating from 35S media culture retained less than 1% of 
the original labelling. As a result, they concluded that for the bacteriophage T2 
virus, the DNA was the hereditary material, which supported the discovery 
made by Avery et al. in bacteria11. These discoveries further suggested that 
DNA could be the universal hereditary material. 
1.2 A Brief History of DNA Research 
Alongside the pursuit of the hereditary material identity, scientists have made 
amazing progress to advance our understanding of DNA. As early as 1869, 
Friedrich Miescher isolated an acidic material he named “nuclein” from the 
white blood cells in the pus on soiled bandages he recovered from a nearby 
surgical clinic. Using combustion experiments, a compositional analysis 
technique commonly used in that era, he discovered that the nuclein 
consisted of elements commonly found in protein and other organic molecules: 
carbon, hydrogen, nitrogen and oxygen. To his surprise, he also found 
phosphorus, which is not a major component in protein, but did not find 
sulphur, which is common in protein. By protease digestion and solubility tests 
with acid/base addition, Miescher was further convinced that nuclein is a 
distinct category of substance from known types of protein or any other known 
molecules.13  
 
Following Miescher’s work, Albrecht Kossel identified the building blocks of 
nucleic acid as bases, sugars and phosphoric acids.14 Using hydrolysis and 
combustion experiments, he and Julius Bodo Unger discovered the four 
different DNA bases and named them according to their sample sources: 
guanine (from sea birds faeces, known as “guano”)15, adenine (as discovered 
in ox pancreas, from the Greek prefix “aden-”)16, thymine (as from calf 
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thymus)17, and cytosine (as from cells, thus “cyto-” prefix)18, 19, while the suffix 
“-ine” stands for nitrogen-containing compounds. The structures of the bases 
were proposed and confirmed by chemical synthesis. 
 
In 1929, Phoebus Levene proposed a “tetranucleotide” structure based on the 
molecular formula determined by various chemical experiments, in which the 
four different nucleotides of DNA arranged sequentially20, at the time this was 
widely accepted by the scientific society. The later discovery by Avery et al.11 
and Hershey et al.12 that DNA was the hereditary material for the complex 
system of life came as quite a surprise and posed the question: how can 
genetic information ensure accurate replication and transmission to the next 
generation with such a simple tetranucleotide system rather than proteins with 
20 different amino acids? 
 
Roger and Colette Vendrely, together with their mentor Andre Boivin, provided 
further support for the proposal that DNA is the hereditary material. They 
demonstrated that all somatic cells of the same animal contain the same 
amount of DNA, and twice the amount of DNA in the nuclei of sperm cells21-23, 
agreeing with previously observed chromosome action during gametogenesis. 
 
In 1950, Erwin Chargaff disproved Levene’s “tetranucleotide” hypothesis 
when he showed that the amounts of adenine (A) and thymine (T), and 
cytosine (C) and guanine (G) always occur in equal amounts using paper 
chromatography, but the relative amount of ATGC was not 1:1:1:1 in many 
species. This observation paved the way for the deduction of the correct DNA 
structure.24, 25 Chargaff also observed that the G+C content of DNA varied 
from 22 to 73% depending on different species, but remained constant in all 
cells of the same organism. 
 
Following the beautiful X-ray crystallography results of B-form DNA obtained 
by Rosalind Franklin in 195226, James Watson and Francis Crick at the 
University of Cambridge combined the vital evidence from previous work to 
solve the puzzle of DNA structure. They proposed the famous DNA double 
helix conformation in the Eagle Pub in 1953.27 In this model, A pairs with T, 
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and C pairs with G though hydrogen bonding, which provides a good 
explanation for Chargaff’s observation of equal amounts of A:T and C:G. As 
Watson and Crick correctly pointed out in their 1953 Nature paper: “It has not 
escaped our notice that the specific pairing we have postulated immediately 
suggests a possible copying mechanism for the genetic material”.27 
 
Since then, numerous DNA structures have been solved under different 
conditions by X-ray crystallography. The most common structure for double-
stranded DNA (dsDNA) is a right-handed B-form formed under high humidity 
and relatively low salt condition. In this structure, the bases are perpendicular 
to the helical axis, with a wide major groove (side of bases) and a narrow 
minor groove (side of sugars and phosphate backbone). Each helical turn is 
composed of 10.5 base pairs (bp).28 When the DNA crystals are grown under 
dehydrating and high salt conditions, A-form DNA can be observed.29 With 11 
bp per helical turn, this DNA is right-handed with the bases tilted with respect 
to the helical axis. Compared to B-DNA, the major groove of A-DNA is deep 
and narrow, while the minor groove is shallow and broad. Although 
considered not commonly formed by DNA in physiological conditions, A-form 
is the conformation of most dsRNA due to the 2’-hydroxyl group on the 
sugar.28 In 1979, Alexander Rich and colleagues observed that with specific 
sequence context or under certain extreme conditions (such as 3 M MgCl2 or 
NaCl, or with addition of alcohol), DNA can also assume a left-handed 
conformation with an extremely shallow major groove and a very deep and 
narrow minor groove with 12 bp per turn.30 As its phosphate backbones are in 
zigzag lines rather than the smooth lines present in A- and B-form DNA, this 
novel DNA conformation was named Z-DNA.30 Due to the demanding 
conditions for formation, the biological relevance of Z-DNA was doubted until 
several families of proteins were identified to have high specificity towards this 
structure, hinting its biological role.31-33  
 
Gradually other forms of dsDNA such as C-34, D-35, E-36 and F-forms37 were 
also discovered under unique conditions. With the exception of Z-DNA, all 
variants of DNA conformation discovered to date are right-handed helices. In 
addition, DNA has been observed to form other structures, for example, three-
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stranded38 or four-stranded39, 40 conformations, hairpins41, cruciform four-way 
junctions42, 43. Continuous efforts have been dedicated to elucidate the 
biological relevance of these non-canonical DNA structures. 
1.2.1 Structural Basis of DNA for Protein Recognition 
In cells, genomic DNA exists in the double helical structure, and serves as the 
primary substrate for the maintenance and transfer of genetic information. The 
information embedded in DNA needs to be read out by the proteins in order to 
regulate downstream cellular activities. The special protein recognition was 
accomplished through a combination of direct and indirect readouts.28, 44, 45 
1.2.1.1 Direct Protein Recognition 
Direct protein readout is achieved by the structure complementarity specified 
by hydrogen bonding (H-bond) and van der Waals interactions between 
protein side chains and mainly the major groove of DNA base pairs.  
 
Figure 1-1. The hydrogen bond donor/acceptor pattern in the major and minor grooves of 
DNA. The H-bond donors were marked by blue “D”, the H-bond acceptors were marked by 
red “A”, while the hydrophobic methyl group was marked by green “M”. 
Proteins are able to interrogate the unique H-bond donor/acceptor pattern 
exhibited by the DNA functional groups that are pointed towards the DNA 
major groove46 by inserting a “recognition” alpha helix into the major groove of 
B-DNA47. As shown in Figure 1-1, the H-bond donor/acceptor pattern changes 
with the identity and the directionality of the base pairs. The –CH3 group of T 
is a hydrophobic group that contributes to van der Waals interactions; the 
hydrogens of the amine groups of cytosine-C4 and adenine-C6 are H-bond 
donors (D in Figure 1-1); while N7 and the carbonyl oxygen of C6 of guanine, 
N7 of adenine, and the carbonyl oxygen of C4 of thymine are H-bond 
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acceptors (A in Figure 1-1). The H-bond pattern is unique for each base pair 
in both directions.  
 
The minor groove patterns are less variable, and only contribute to distinguish 
G:C/C:G base pairs from A:T/T:A base pairs through the protruding N2 of G 
as an H-bond donor. Superimposed crystal structures indicate that the 
directionality of G:C/C:G and A:T/T:A cannot be distinguished due to the 
almost identical locations of H-bond acceptors in both directions for both base 
pairs.46 
1.2.1.2 Indirect Protein Recognition 
Indirect protein recognition specificity is achieved through the easiness of 
assuming the correct conformation necessary for binding. This depends on 
the DNA flexibility and structure (groove width, basepair twist, etc.) of dsDNA, 
which are fundamentally modulated by DNA sequence context.28, 44, 45  
1.3 Genome Organization in Cells 
In most eukaryotic cells, the long genomic DNA (about 2 meters for a human 
diploid genome) needs to overcome the natural repulsion from the negatively 
charged phosphate backbones of DNA to fit into the confined space of the 
nucleus (diameter 10 µm for human)48, while segments of genetic information 
need to be correctly and easily retrievable when needed. To achieve this 
intricate balance, the DNA is packaged into different levels of compaction with 
the assistance of different architectural proteins (Figure 1-2). 
 
The first level of compaction is achieved by wrapping genomic DNA around a 
histone octamer to form a disk like structure called a nucleosome core 
particle. Histone proteins are rich in basic amino acids such as lysine and 
arginine and therefore carry positive charges in physiological conditions, 
balancing the negative charges of DNA. The histone octamer consists of two 
copies of each of the H2A, H2B, H3 and H4 subunits. The C-terminals of all 
subunits contain a histone fold domain which allows subunits to pair by 
docking in a “handshake” fashion: H3 and H4 associate to form a dimer and 
further into a tetramer, while H2A and H2B form a dimer and bind to the 
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peripheral region of (H3-H4)2 to form an octamer. The genomic DNA wraps 
around the histone octamer in 1.67 left-handed superhelical turns with about 
9.4-10.9 bp per helical turn, 147 bp in total length.49-51 The entry and exit 
points of DNA can further interact with the linker histone H1/H5, and become 
ready to be further compacted.52, 53 Using electron microscopy, Amram 
Scheinfeld, and later Pierre Chambon, observed a beads-on-a-string pattern 
with uniform-sized particles (nucleosomes) evenly spaced in eukaryotic 
genome.53-57 This was called “euchromatin” as these regions appeared light-
colored when stained with Giemsa banding observed under a light 
microscope.58 The genomic DNA in this level of compaction can be quickly 
made available to protein machineries such as DNA and RNA polymerases 
and regulatory proteins, allowing active transcription in these areas. 
 
Figure 1-2. Schematic illustration of different levels of genomic DNA compaction. The figure is 
adapted from Arrowsmith et al.59. 
Most areas that are transcriptionally repressed are further packed into 
heterochromatin (so named as these regions appeared dark when stained). 
Heterochromatin is mostly located near the nuclear envelope on the 
peripheral region of the nucleus, as opposed to euchromatin.60 Areas such as 
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repressed genes, centromeres, telomeres and satellite sequences are packed 
into heterochromatin. With the help of adenosine triphosphate (ATP)-driven 
condensin complexes, part of the structural maintenance of chromosomes 
(SMC) family proteins, the chromatin is further compacted into chromosomes 
during mitosis and meiosis.61-63 
1.4 The Definition and Mechanism of Epigenetic Regulation 
Although all somatic cells contain almost identical DNA, it has been shown 
that the landscape of chromatin is dynamically reprogrammed at different cell 
phases and developmental stages. Additionally, different cell types display 
different phenotypical traits such as shape, size, function and lifespan. These 
differences are caused by epigenetic variations in the cells. The term 
“epigenetics” was originally coined in 1942 by Conrad Waddington, where the 
prefix “epi-” adds the meaning of “outside of” or “in addition to” to genetics.64, 
65 Previously epigenetics was defined to be the study of heritable changes in 
gene expression induced by chromatin architecture changes without 
alterations in the primary DNA sequence66. However, some histone 
modifications are not transmissible between generations of cells, e.g. the 
histone modifications in neuronal cells, which are non-dividing.2, 67, 68 
Therefore the latest definition of epigenetics encompasses both heritable and 
non-heritable epigenetic marks as “both heritable changes in gene activity and 
expression (in the progeny of cells or of individuals) and also stable, long-term 
alterations in the transcriptional potential of a cell that are not necessarily 
heritable”.2,69 
 
Epigenetic regulation is controlled by many factors, including DNA and RNA 
modifications, histone modifications and non-coding RNA70-74. Moreover, 
there is accumulating evidence for cross talk between different epigenetic 
modifications, adding another layer of complexity75-77.  
1.5 Widely Existing DNA Modifications 
It was thought that DNA was solely composed of A, G, C and T, until 1899 
when 5-methylcytosine (mC) was discovered in tubercle bacillus78, 79. The 
existence of mC in tubercle bacillus was confirmed by Johnson and Coghill in 
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192580, and subsequently in calf thymus by Hotchkiss in 194881. Since then, a 
wide variety of modified DNA bases has been discovered in eukaryotes, 
prokaryotes and viruses.82 To date, all of the known bases are variants of A, 
G, C and T (Figure 1-3).  
 
Figure 1-3. Examples of chemical structures of different DNA modifications found in nature. 
Naturally occurring DNA modifications are generated and removed by 
enzymes. The natural abundance of modified bases varies across species, 
cell type, stage of development and throughout the cell cycle82. The 
modifications confer different biophysical and biochemical properties to the 
DNA, which can have a downstream effect on various cellular processes. The 
potential functions of DNA modifications have been inferred by their genomic 
loci, abundance at different developmental stage/tissue type/disease, and by 
colocalized histone modifications and interacting proteins. 
1.6 DNA Modifications in Mammals  
The discovery of naturally occurring nucleobases has stimulated studies to 
elucidate their pathway of generation, density and influence on biological 
processes. The C and T derivatives discussed in the next two sections are 
among the best characterized naturally occurring DNA modifications due to 
their biological relevance and natural abundance. 
1.6.1 C derivatives: mC, hmC, fC and caC 
1.6.1.1 Generation and Removal 
mC is generated by the transfer of a methyl group from S-adenosyl 
methionine (SAM) to the C5 position of cytosine, catalysed by the DNA 
methyltransferase (DNMT) family of enzymes (Figure 1-4)83-86. DNMT3a and 
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DNMT3b are thought to methylate mammalian DNA de novo during early 
development and gametogensis87, while DNMT1 maintains methylation by 
methylating cytosines in hemimethylated CpGs (that is, only one side of CpG 
is methylated) throughout the cell cycle85, 88, 89. Recently, Barau et al. 
discovered another de novo DNA methyltransferase, DNMT3c, in rodents, 
which is vital for mouse male fertility by methylating the promoter of 
evolutionarily young retrotransposons in the male germ line.90 
 
Figure 1-4. The mechanism of methylation of C to mC by DNMT methyltransferases and 
SAM. 
Researchers have investigated the influential factors shaping the epigenomic 
methylation profile. It was observed that the GC ratio and CpG density of the 
primary DNA sequence have an influence on the DNA methylation level and 
histone modifications at some CpGs in the genome, although the exact 
mechanism has yet to be elucidated.91, 92 In addition, factors like prenatal 
environments93 and memory formation and learning process94, 95 have also 
been shown to influence methylation level.  
 
In plants, mC bases are excised by mC DNA glycosylase, and subsequently 
repaired via the Base Excision Repair (BER) pathway.96 Mammals do not 
possess homologous mC DNA glycosylase, therefore it is inferred that mC is 
removed by alternative mechanisms.96  
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Figure 1-5. Schematic figure of mC generation and proposed active demethylation pathway 
(red) and alternative proposed demethylation pathway (green). The blue circles highlight the 
sites of the oxidation process.  
In 2009, the oxidised derivatives of mC were (re)discovered.82, 97-99 They are 
5-hydroxymethylcytosine (hmC), 5-formylcytosine (fC) and 5-carboxycytosine 
(caC). Coupled with the discovery of 2-oxoglutarate Fe(II)-dependent 
dioxygenases, the Ten-Eleven Translocation (TET) enzyme family,97, 98, 100-104 
a hypothesis for an “active demethylation” pathway in mammalian cells was 
proposed, whereby mC is oxidized in a step-wise manner to hmC then to fC 
and caC which can be removed subsequently by the BER pathway (Figure 1-
5).105  
 
It has been shown that the TET3 enzyme is highly expressed in oocytes and 
zygotes after fertilization. It is hypothesized that this is in order to actively 
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reprogram the DNA methylation landscape, but the concentration of TET3 
drops rapidly while progressing to the two-cell stage. Conversely, the 
expression levels of TET1 and 2 are very low in oocytes and zygotes, yet 
increase during pre-implantation development, and become very high at the 
blastocyst stage.106 The TET family is only found in eukaryotic cells, except 
plants.101, 107 
 
The fC and caC in DNA can be recognized and excised by Thymine DNA 
Glycosylase (TDG), resulting in abasic sites, which can be subsequently 
repaired through the BER pathway.105 In vitro biochemistry experiments 
showed that TDG binds to caC tighter than fC due to the negative charge, but 
excises fC faster than caC99, 108-110. An X-ray crystal structure revealed that 
TDG recognizes caC:A specifically, bends the DNA backbone towards the 
active site and flips out the base into a binding pocket stabilized by hydrogen 
bonding and van der Waals contact.110 However, the mechanism of fC 
recognition by TDG is still not clear. There are several possible mechanisms 
proposed based on the caC excision mechanism. Since TDG bends DNA 
towards the active site, an increase in DNA flexibility may facilitate the 
substrate recognition. Ngo et al. have shown that the presence of even a 
single fC increases the DNA flexibility significantly, and that a caC 
modification slightly decreases the flexibility, potentially contributing to the 
preferential excision of fC over caC.111, 112 In addition, base excision requires 
interrupting the base pair to flip the base out of the DNA groove into the active 
site, which can be facilitated by weaker Watson-Crick hydrogen bonding. The 
electron-withdrawing ability of –CHO (fC) and –COOH (caC) attenuates the 
electron-density of N3, reducing the base-pairing strength, and increasing the 
rate of base pair opening for TDG recognition.113 Moreover, Hashimoto et al. 
proposed that fC/caC may form a tautomeric form that facilitates the base-
flipping109, and Maiti et al. proposed that –CHO and –COOH modifications 
reduce the N-glycosidic bond stability108, 114, both contributing to the 
recognition and excision of fC and caC. More recently, Raiber et al. have 
proposed that the recognition of fC-DNA may be based on a DNA global 
structure change caused by dense symmetrical fCpG modification.37 
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To direct pluripotent stem cells to differentiate into distinct tissue lineages, 
genome-wide demethylation happens immediately after fertilization in 
mammalian cells, likely through a combination of both active demethylation 
and passive demethylation, which dilutes mC modifications through 
replication.106, 115, 116 The proposed active DNA demethylation pathway could 
be a key process to program epigenetic information for mammalian 
development117, 118 as the loss of TET1-3 together or TDG has been shown to 
cause devastating effects in mouse embryonic stem cells (mESCs) 
differentiation and is lethal for mouse embryos.119, 120 
 
It is possible that mC removal through TDG excision and the BER pathway 
can lead to single strand DNA (ssDNA) breaks, which would result in a risk to 
genome integrity. In line with this it has been shown that the parental 
methylation reprogramming in mouse pronuclear zygotes is independent of 
TDG.116 Therefore, an alternative demethylation pathway that does not 
require TDG and strand repair has been investigated. 
 
It has been shown that hmC can be directly converted to C in vitro with the 
assistance of DNMT, and the inverse of this reaction is also possible in the 
presence of formaldehyde. This provides a potential pathway for hmC 
generation and removal.121 It was observed by in vivo isotopic labelling 
experiments that fC and caC can directly revert to C through C-C covalent 
bond cleavage.122, 123 Although the precise enzyme and mechanism have not 
yet been identified for fC, several potential candidates for proteins responsible 
for decarboxylation have been proposed124-126. 
 
In addition to the demethylation pathway detailed above, it has been shown 
that mC may be removed by cellular damage, such as spontaneous hydrolytic 
deamination to form T127, 128, and by UV damage to T, C, and a series of C 
derivatives with C5 modifications129, leading to potentially mutagenic results. 
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1.6.1.2 Distribution and Function of mC 
The discovery of these naturally occurring DNA modifications has inspired 
substantial research to understand their distribution, density and potential 
functions in epigenetic regulation.  
 
mC can be found across all domains of life80-82, 130, 131. In mammalian cells, the 
density of mC is on average 2-5% of all cytosine species132. The level of mC 
in mouse Embryonic Stem Cells (mESCs) and adult mouse cortex cells is 
3.57% and 4.29% of all cytosine species respectively130. mC is enriched at 
CpG dinucleotides located outside CpG islands (regions enriched for CpG 
dinucleotides which present at most gene promoter regions) with the 
methylation mostly symmetrical on both strands84, 133, 134. At CpG islands, the 
methylation level is typically either fully methylated or fully unmethylated.135 
Methylated CpGs in promoter regions correlate with gene supression136, while 
unmethylated promoters are more complicated. If active histone modifications 
such as histone H3 acetylation and H3K4 methylation are colocalized with 
methylated CpG, the genes tend to be transcriptionally active.137 However, if 
bivalent histone modifications (that is both active and repressive histone 
modifications) are present, the promoters are termed “poised” and ready to be 
activated138. There have been observations that DNA methylation in the first 
exon of a gene correlates even more tightly with gene repression than in 
promoters, while downstream intragenic methylation is not associated with the 
magnitude of gene expression.139 The transcriptional repression effect of mC 
has been hypothesised to be critical for maintaining chromatin structure, 
cellular functions and genome stability, such as heterochromatin formation at 
the pericentromeric area, X-chromosome silencing for dosage compensation, 
transposon and repetitive region silencing, cell pluripotency and genomic 
imprinting for marking parental-origin alleles84, 136, 140-149. There is an 
increasing amount of evidence of cross-talk between DNA methylation and 
histone modifications involving various chromatin remodelers during the 
aforementioned processes.137, 138, 147, 150  
 
The link between DNA methylation and gene silencing has been rigorously 
studied. It has been shown that numerous transcription factors can no longer 
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bind to DNA upon methylation151. Another mechanism for repression is the 
specific recognition of methylated DNA by transcription repressor methyl-CpG 
binding domain (MBD) family proteins, which can further recruit co-repressor 
complexes and induce transcription repression76, 77, 152-154. 
 
Changes in the DNA methylation profile can lead to many diseases.155 In 
cancer cells, the DNA methylation pattern is aberrant and mostly occurs at 
specific sites.156, 157 Regions like tumour suppressor genes which are normally 
unmethylated can become methylated and silenced and therefore no longer 
prevent cells from becoming cancerous.158 In contrast, some normally 
silenced areas, such as transposons, are often demethylated in cancer cells 
and as such become actively transcribed, compromising transcription 
fidelity.159 DNA methylation pattern alteration has been observed for other 
diseases as well, such as neurological disorders including Alzheimer’s 
disease and X-linked mental retardation as well as autoimmune diseases.160 
Understanding the causality between the methylation level changes and 
disease state could provide new therapeutic directions. 
 
mC needs to be removed to enable the expression of silenced genes, with 
hmC, fC and caC (xCs) proposed as the intermediates of the TET/TDG 
demethylation pathway.143, 161, 162 Accumulating evidence of modification 
distribution, persistency and protein interactions indicates these proposed 
intermediates may also actively participate in regulating cellular functions163. 
All xCs (x = m, hm, f and ca unless indicated otherwise) have been detected 
in DNA extracted from various mouse tissues and mESCs, with the levels of 
xCs changing during differentiation.164, 165 In mESCs all xCs have been shown 
to cluster in active enhancers, which are distal regulatory elements that assist 
in transcription initiation marked by active histone marks H3K27 acetylation 
(H3K27ac) and H3K4 monomethylation (H3K4me1), and poised enhancers, 
which are marked by both active histone marks and repressive histone marks 
H3K27 trimethylation (H3K27me3).117, 164 All xCs have demonstrated 
differential protein binding and chromatin remodeller/transcription factor 
recruitment ability in vitro163, 166, 167, 168, suggesting the addition of another 
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layer of regulation for shaping chromatin architecture and directing cellular 
activities. 
1.6.1.3 Distribution and Function of hmC 
The density of hmC in mESCs and adult mouse cortex cells is 0.36% and 
0.57% of all C species respectively130. Besides active and poised enhancers, 
hmC is also enriched at transcription start sites169, 170 and exons171 of actively 
transcribed genes and promoter regions of mESCs161, 172. The density of hmC 
varies drastically with tissue type with the highest density found in the central 
nervous system173-176 where it increases during brain development175, 177. To 
determine whether hmC accumulates through oxidative damage, Munzel et al. 
showed that the level of 8-oxoguanine, a typical oxidative stress marker, did 
not correlate with hmC levels, indicating that hmC is not generated by 
oxidative stress.175  
 
Isotopic labelling experiments showed that hmC is a predominantly stable 
modification in cultured cells and in vivo176, which indicates that hmC is 
actively maintained and distinct from mC. Moreover, hmC has shown distinctly 
different protein-binding ability from mC178, 179 such as helicases (Harp, RecqI, 
etc.) and DNA glycosylases (Neil1 and Neil3)163, 166, 180 indicating that hmC is 
involved in a demethylation pathway involving DNA-repair. Protein factors in 
neuronal progenitor cells (NPC) and brain have shown affinity to hmC, such 
as Wdr76, Thy28, and Uhrf2, suggesting that hmC might play a role in 
epigenetic regulation in these tissues.166 Protein pull-down experiments with 
hmC also revealed that hmC specifically interacts with replication factor C 
(Rfc1-5) which suggests that hmC may also participate in replication 
regulation.166 Additionally, hmC displayed a small blocking effect on 
transcription, while no mutagenic effect has been observed in vitro or in vivo 
with hmC modifications.181  
 
hmC and TET enzymes have been shown to correlate with pluripotency 
markers to maintain pluripotency and regulate cell differentiation. Reduced 
hmC levels and TET-deficiency have been identified as biomarkers for Acute 
Myeloid Leukemia (AML) and melanoma.182, 183 Aberrant hmC levels have 
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also been correlated with degenerative neurological diseases such as 
Alzheimer’s disease, Huntington’s disease, and psychiatric disorders.184, 185 
Therefore hmC may play a fundamental role in the epigenetic regulation of 
transcription161, cell proliferation176, brain development166, 175, 177, cancer 
progression182, 183 and cognitive function maintenance184, 185. 
1.6.1.4 Distribution and Function of fC 
The level of fC in mESCs and adult mouse cortex cells is around 0.0048% 
and 0.00019% of all cytosine species respectively130, with fC clustering at 
certain genomic loci to a level comparable with hmC98, 186. In mESCs, besides 
active and poised enhancers37, 117, 165, 187, fC is enriched in the CpG islands of 
promoters, exons and introns of gene bodies associated with transcription, 
cell differentiation and development.162, 165, 188 As differentiation of embryonic 
stem cells proceeds, the density of fC drops sharply, indicating its involvement 
in epigenetic reprogramming98. Isotopic labelling experiments demonstrated 
that fC is a predominantly stable modification in cultured cells and in the 
brain177, with semi-permanent modifications found at certain genomic loci189, 
indicating that fC is actively maintained for yet unknown functions. Single 
base resolution sequencing of fC revealed that fC is clustered in the (CpG)n 
areas (n ≥ 3) in mESCs and mouse two cell embryos and is symmetrically 
distributed in complementary strands at certain genomic loci.37 This aligns 
with the observation that TET prefers to generate and maintain consecutive 
and symmetrical fCpG on both strands.37, 104, 118, 187, 190 fC distribution also 
overlaps with mC and hmC at some genomic loci.186, 188 In addition, fC-
modified DNA selectively binds to chromatin remodelers (such as NuRD 
complex) and transcription factors (such as FOXK1) in vitro, suggesting fC 
may participate in genome regulation 163, 165. Because fC is enriched in the 
CpG islands of promoters of transcriptionally active genes that are frequently 
bound to RNA polymerase II and correlates with elevated levels of active 
histone marks H3K4me3 and H3K27ac191, it is considered to be linked to 
active transcription163, 165. 
1.6.1.5 Distribution and Function of caC 
The density of caC in mESCs is about 0.00029% of all cytosine species, but 
has not been detected in mouse cortex DNA to date130. In vitro studies have 
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shown that caC specifically recruits various cellular machineries166, 168, such 
as BAF170, a subunit of a chromatin remodeller complex166, suggesting that 
caC may also participate in cellular regulation. Both fC and caC have been 
observed to slow down RNA transcription polymerase Pol II in vitro and in 
human cells with a marginal mutagenic effect when located on the transcribed 
strand. This may have implications in transcription. 181, 192  
1.6.2 T derivatives: U, hmU and fU 
1.6.2.1 Generation and Removal 
Uracil (U) in DNA can be generated by various pathways via enzyme activity 
or DNA damage.193 For example, deoxyuridine triphosphate (dUtp) can be 
erroneously incorporated into genomic DNA instead of deoxythymidine 
triphosphate (dTtp) during replication.194 Spontaneous or enzyme-driven 
hydrolytic deamination of C can also produce dU, resulting in a mutagenic UG 
mismatch as U preferentially base-pairs with A rather than G during 
replication and transcription82, 193, 195-197. For this reason, U is classified as a T 
derivative in this thesis.  
 
Figure 1-6. The inter-conversion between C derivatives and T derivatives. The solid arrow 
indicates experimentally observed biological processes, and the dashed arrows indicate 
proposed biological processes not yet observed experimentally98, 130. The blue circles 
highlight sites of the oxidation process, and the red circles highlight the sites of the 
deamination process. 
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Analogous to xCs, oxidized T derivatives 5-hydroxymethyluracil (hmU) and 5-
formyluracil (fU) have been detected in eukaryotic DNA, while 5-carboxyluracil 
(caU) has not been detected in vivo to the best of my knowledge. 
 
hmU can be formed by oxidative damage or by enzymatic processes.130, 198-200 
The enzymatic conversion of T to hmU is catalysed by TET enzymes in 
mESCs and by the J-binding protein (JBP) family (TET homologs) in 
trypanasomatids (Figure 1-6)130, 198. Researchers have attempted to identify 
an alternative active demethylation pathway in which hmC deaminates to form 
hmU catalysed by Activation-Induced Deaminase (AID) or Apolipoprotein B 
RNA-editing catalytic component (APOBEC), analogous to the enzymatic 
deamination of C to produce U. However, conflicting results were observed201, 
202. Isotopic labelling experiments with TDG knockdown cells led to the 
observation of trace amounts of hmU originating from hmC; while in wild-type 
cells, all hmU bases were generated from T. Therefore the hmU derived from 
hmC may be quickly removed by TDG and therefore not detectable in vivo.130 
 
fU is the subsequent oxidation product of hmU (Fig 1-4). Since the enzymes 
responsible for such an oxidation reaction in vivo have not yet been identified, 
fU is traditionally considered as an oxidative lesion produced by reactive 
oxygen species (ROS).200 Recently, in vitro oxidation from hmU to fU and 
further to caU by NgTET1, a TET/JBP-like protein from Naegleria gruberi, has 
been identified.203 
 
U, hmU and fU (xUs) can be excised by several DNA glycosylases and 
subsequently repaired through the BER pathway. When paired with A, the 
xUs can be excised by uracil DNA glycosylase (UDG) and single-strand 
selective monofunctional UDG1 (SMUG1), but when mis-paired with G, xU:G 
mismatches can be recognized and repaired by TDG and MBD4.193, 204-207 
1.6.2.2 Density and Distribution 
U has been detected in vivo in the genomic DNA of prokaryotes and 
eukaryotes82, 195. The average density of U has been reported to be 400-600 
bases per human or murine genome208. The measured U density is 
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dramatically different according to different reports, which is likely due to 
spontaneous deamination during DNA extraction and digestion prior to 
quantification, leading to significant experimental variation.79, 208 
 
hmU and fU were first discovered in eukaryotic cells130. hmU has been 
observed to exist in relatively high densities in eukaryotic parasites, such as  
Leishmania (0.01% of all T)209 and Trypanosoma brucei (T. brucei, 0.02% of 
all T)210, 211. The level of hmU in mESCs and adult mouse cortex cells is about 
0.00017% and 0.00003% of all thymine species respectively130. Initially hmU 
was considered as an oxidative lesion of T induced by ROS and ionizing 
radiation212, 213, however the density of hmU is higher in embryonic cells than 
in adult cells, suggesting that there are active processes which regulate the 
hmU density in vivo130. The level of hmU is correlated with TET expression 
level and changes upon cell differentiation.130, 203 In addition, hmU is 
specifically recognized by chromatin remodelers and transcription factors, 
such as AP-1, a transcription factor related to stress response.130, 214 It has 
been shown that hmU enhances transcription by interacting with bacterial 
RNA polymerases at some promoters in E. coli.215 Therefore, hmU may be 
involved in transcription regulation in bacteria. In humans, the increased level 
of hmU mononucleoside has been observed in invasive breast cancer and 
could potentially be used for breast cancer prognosis in liquid biopsy.216 
 
In T. brucei, the fU density is around 0.032% of T.210 The density of fU in 
mESCs and adult mouse cortex cells is 0.00086% and 0.00069% of all 
thymine species respectively130.  In vitro experiments have demonstrated that 
the presence of fU inhibits the interaction of AP-1 with DNA217 and therefore 
suggested fU may influence transcription. The tautomeric form of fU may form 
a wobble base pair with G, inducing mutagenic results.218, 219 
 
1.6.3 Effect of DNA Modifications on Protein Recognition 
DNA modifications add another layer of dynamically reprogrammable 
information without altering the underlying DNA sequence and the introduction 
of DNA modifications may either facilitate or block the protein functions. In 
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addition, it has been shown that DNA modifications enable specific protein 
recruitment/repulsion and influence genomic functions at the loci of 
modifications.163, 166-168 This may be accomplished through influencing both 
direct and indirect readout.44 
1.6.3.1 Direct Protein Recognition 
Naturally occurring DNA modifications add new chemical functionalities into 
the major grooves of DNA that generate variations of the major groove code, 
which may alter their protein recognition; the minor groove code however is 
not influenced directly (Figure 1-7). The hydrophobic –CH3 group of mC 
contributes to van der Waals interactions. By contrast, the –CH2OH group of 
hmC and hmU, and the –COOH group of caC are H-bond donors (D in Figure 
1-7); while the –CHO group of fC and fU is a H-bond acceptor (A in Figure 1-
7). The only duplicating H-bond pattern is Acceptor-Donor-Acceptor-Acceptor 
formed by fC:G and A:fU basepairs. Since the fC:G is a pyrimidine:purine 
basepair, while A:fU is a purine:pyrimidine basepair, the exact positions of H-
bond donor and acceptor differ between the two basepairs. 
 
Figure 1-7. The hydrogen bond donor/acceptor pattern in major and minor groove of DNA. 
The H-bond donors were marked by blue “D”, the H-bond acceptors were marked by red “A”, 
while the C5 positions where additional functional groups are located were marked with green 
“?” mark. 
1.6.3.2 Indirect Protein Recognition 
The additional functional groups of DNA modifications may confer different 
structure and flexibility to the DNA double helix and either facilitate or block 
indirect protein recognition. In addition, DNA modifications may regulate 
cellular processes through influencing the stability of the DNA substrate for 
proteins. For example, transcription and replication both require initial strand 
separation for the polymerases to bind.220, 221 Hence changes in the stability of 
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dsDNA by DNA modifications may serve as an additional level of regulation 
for these fundamental biological processes.  
1.7 Objectives of PhD Project 
From the dynamic nature of DNA modification distribution, persistency and 
interacting cellular machineries throughout development, it is evident that 
naturally occurring DNA modifications are of fundamental importance to 
cellular activity regulation, and aberrant DNA modification patterns correlate 
with diseased states. However, the molecular basis for the causal link 
between the epigenetic DNA modifications and phenotypical changes of 
complex cellular processes awaits further elucidation by strictly controlled in 
vitro experiments in model systems (Figure 1-8). 
 
Changes to the DNA stability and structure by naturally occurring DNA 
modifications can influence protein binding and subsequent cellular 
processes. Therefore understanding how DNA modifications impact the 
biophysical properties of DNA is fundamental to comprehend the link between 
DNA modifications and biological functions. There are numerous studies on 
the effect of naturally occurring C modifications on the biophysical properties 
of DNA, however the effect of T modifications is less understood. Chapter 2 of 
this thesis reports on the investigation into the effect of T modifications on 
dsDNA by Ultraviolet (UV) thermal denaturation experiments and Circular 
Dichroism (CD) spectroscopy in various DNA sequence contexts and 
modification density in order to address these questions.  
 
Changes to the biophysical properties of the DNA double helix, discussed in 
Chapter 2, may impact the formation and stability of nucleosomes and 
downstream cellular functions. Chapter 3 of this thesis includes a systematic 
evaluation of the effects of naturally occurring DNA modifications on 
nucleosome occupancy and stability to understand how DNA modifications 
influence the nucleosome organization in cells. 
 
 24 
The aim of this thesis is to investigate the effects of DNA modifications in 
dsDNA and nucleosomes to better understand their influence on chromatin 
architecture and downstream biological processes. 
 
Figure 1-8.  The aims of the DNA modification effect study. The figure is adapted from 
Arrowsmith et al.59. 
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2.1 Background 
Naturally occurring DNA modifications in mammalian DNA have been 
implicated in the regulation of gene expression. Considering the dynamic 
nature of DNA modifications throughout development and the implication of 
aberrant DNA modification pattern in disease development, it is important to 
elucidate the fundamental linkage between DNA modifications, protein 
recognition and downstream cellular processes by studying the effect of DNA 
modifications on DNA biophysical properties. 
2.1.1 Effect of DNA Modifications on the Biophysical Properties of 
DNA 
Owing to its important role in gene expression regulation and its relatively high 
natural abundance levels, the effect of mC on duplex DNA has been 
extensively studied by various biophysical techniques. Nathan et al. showed 
that the presence of mC modifications caused under-winding of duplex DNA 
from 10.5 to 11 base-pairs (bp) per turn222. Due to the contribution of 
hydrophobicity to the base stacking energy223, 224, the mC-modified duplexes 
are more stable than the unmodified counterparts37, 225. It has also been 
reported that in very specific sequence context, mC modifications can make 
the duplex DNA structure convert from B-form to Z-form, E-form and A-form 
under different modification patterns and crystallization conditions30, 36, 226, 227. 
 
The effects of more recently discovered modifications hmC, fC and caC, on 
DNA structure and stability have been studied in various sequence contexts 
and modification patterns. hmC-modified sequences retained a B-form 
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conformation like the unmodified sequences.37, 228 The effect of hmC on 
thermal stability, however, varies considerably37, 225, 229. Studies showed that 
caC does not influence the general structure of duplex DNA, but the caC 
modification can be stabilizing or destabilizing depending on the sequences 
context.37, 229, 230 
 
Figure 2-1. (a) CD spectra of C/mC/hmC/fC/caC-containing oligonucleotides in comparison 
with that of Z-DNA (dashed); (b) modeling of a 36-mer with B-DNA geometry (upper) and F-
DNA geometry with flanking ideal B-form DNA helices (lower), demonstrating the alteration of 
the helical trajectory and local variation of the grooves induced by fC modifications; (c) H-
bonding network (marked by dashed lines) facilitated by the formyl groups of fCs, O6 of 
guanines and water molecules, resulting in the unusual twist of the helix. Figures were 
adapted from Raiber et al.37. 
Thermodynamic studies indicate that fC can also be stabilizing or destabilizing 
depending on the sequence and modification density.37, 229 With low density 
and non-consecutive fC modifications (one fC on the self-complementary 
Dickerson-Drew Dodecamer sequence, and 4 bp between the two fCpGs), the 
X-ray crystal structure indicated the DNA remained in the B-form230. Notably, 
Raiber et al. demonstrated that sequences containing three consecutive 
symmetrical (fC)pGs, with three fC modifications on each strand, displayed 
unique CD spectral characteristics, different from that of B-form DNA. The 
subsequent X-ray crystal structure determination confirmed a novel F-form 
structure at 1.4 Å resolution. The formyl groups formed an intricate hydrogen 
bonding network with the O6 of the neighbouring guanines and water 
molecules (Figure 2-1), resulting in a half-unwound structure compared to the 
canonical B-form structure, suggesting that fC may directly influence protein 
recognition through a critical DNA conformational change.37 Later it was also 
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reported that the same sequence formed an A-form structure at 2.3 Å 
resolution, however under different crystallization conditions.231 
 
DNA modifications may also affect protein binding through changes in the 
stability of the DNA double helix. For example, Dai et al. have observed that 
the presence of fC and caC decreased DNA stability as measured by UV 
spectroscopy.113 Their studies revealed that the electron-withdrawing –CHO 
and –COOH groups of fC and caC decreased electron density at N3 of the 
DNA base resulting in weakened hydrogen bonding for xC-G base-pairing 
thereby potentially facilitating protein recognition for downstream cellular 
activity. Indeed, important chromatin remodelers and transcription regulating 
proteins such as NuRD complex and FOXK1 have been identified to bind to 
fC specifically, but not to the other C modifications.163  
 
The effects of fC on the biophysical properties of DNA raise the question if fU, 
another naturally occurring DNA modification containing an aldehyde group, 
could also induce changes to the DNA. To the best of my knowledge, there is 
only one X-ray study of short dsDNA containing two fU modifications, and the 
structures remain unaltered in the B-form232. Furthermore, other T derivatives 
known in eukaryotic cells remain largely unexplored. Thus a more systematic 
study is needed for fU and other T derivatives that interrogate the effects of 
modification densities and sequence contexts on the biophysical properties of 
the DNA, considering their potential biological relevance. 
2.2 Results and Discussion 
To investigate the impact of T-modifications on the DNA, we used three 
different oligonucleotide sequences. Previous literature and preliminary data 
obtained in our laboratory suggest that T modifications are found at high 
density in telomeric and intergenic regions of the Trypanosomatid genome 
and suggesting that these modifications tend to cluster.209, 233, 234 Therefore, 
sequences with different modification contexts and densities were designed 
as follows (Table 2-1): a 10bp duplex (ODN1) containing one modification, a 
12bp non-self-complementary duplex (ODN2) containing three modifications 
on one strand, and a 12bp self-complementary duplex (ODN3) containing 
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three modifications on each strand. The higher modification intensity may 
amplify the influence of base modifications to distinguish from the background, 
and reduce the influence of sequence context. The sequences were designed 
to favour the formation of duplex DNA and hinder the formation of other 
secondary structures that could lead to a misinterpretation of the results. The 
sequences studied were synthesized commercially using phosphoramidite 
chemistry235: the 5fU phosphoramidite was chemically synthesized by Dr 
Fumiko Kawasaki from our group236, while the others were obtained from 
commercial sources. 
 
Table 2-1. Sequences used to study the effect of T derivatives on duplex DNA. H is either T, 
U, hmU or fU. 
2.2.1 Thermal stability of oligonucleotides containing T derivatives 
The effect of T derivatives on the base-pairing strength and base stacking of 
duplex DNA was assessed by UV thermal denaturing experiments, which rely 
on the change of UV absorbance in the process of dsDNA dissociating into 
ssDNA with elevated temperature. In dsDNA, π-π interactions from the base 
stacking influence the transition dipoles of the bases, and lower the UV 
absorbance. When dsDNA is dissociated into ssDNA under high temperature, 
the ordered base stacking is disrupted, resulting in increased UV absorbance 
(called hyperchromicity). The UV melting experiments were performed with 
buffer composition similar to cellular conditions, and were repeated for three 
cycles composed of heating and cooling processes. The UV data generated 
are used to calculate the melting temperature of dsDNA, defined as the 




Figure 2-2. Illustration of the method (a) for normalizing the raw data obtained from UV 
melting experiments and the results (b). The baselines of melting curves were determined by 
treating the plateau at the lower temperature as 100% of the DNA strands being in duplex 
form, and the plateau at the high temperature as 0% of the DNA strands in duplex form (top). 
The melting temperature (Tm) of a given duplex, reflecting its thermal stability, was defined as 
the temperature where 50% of the DNA strands were in duplex form. Examples used were 
data obtained by UV melting experiments for ODN3-U for (a) and ODN-xU for (b). 
As shown in Figure 2-3 (melting curves summarized in Figure 6-1 and Figure 
6-2), the T- and U-containing duplexes showed comparable thermal stabilities 
in the ODN1 (1 modification) and ODN2 (3 modifications) sequence context. 
In the ODN1, T and U showed melting temperatures (Tm) of 44.1 ± 0.6°C and 
44.8 ± 0.8°C (+0.7°C compared to T), respectively. In ODN2, T and U 
displayed Tm of 51.7 ± 0.2°C and 51.5 ± 0.1°C (-0.2°C compared to T), 
respectively. In the ODN3 (6 modifications) context, the Tm of T was 53.3 ± 
0.7 °C, and 50.7 ± 0.1°C for U (-2.6°C compared to T). Overall, the results 
revealed that within the sequence context used for the study, U does not 
significantly change the DNA stability compared to T.  
 
Notably, when the effect of hmU on dsDNA stability was measured, it was 
observed that the presence of hmU at a higher density significantly decreased 
the DNA melting temperature. ODN2 decreased the DNA denaturation 
temperature by 4.3°C (p values 0.0275, unpaired t-test with Welch’s 
correction, two tailed) and ODN3 by 4.8°C (p values 0.0082, unpaired t-test 
with Welch’s correction, two tailed) compared to T. 
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Figure 2-3. Summary of the results for the thermal stability study: UV melting temperature 
comparison of (a) ODN1, (b) ODN2 and (c) ODN3 sequences with T derivatives. The dsDNA 
concentration was 5 µM and the salt condition was 10 mM PBS buffer at pH 7.2 with 3 mM 
magnesium chloride. The melting experiments were performed in triplicate and the reported 
melting temperatures are the average of the three experiments, plotted as mean ± SD values. 
The significance of the data was analyzed by unpaired t-test with Welch’s correction (two 
tailed), with p value represented in the New England Journal Medicine (NEJM) style, with 
0.12 (ns), 0.033 (*), 0.002 (**). The raw data for the UV melting experiments are summarized 
in Figure 6-1, and normalized data for Tm extraction is summarized in Figure 6-2.  
It was also observed that the thermal stabilities of the fU-containing duplexes 
were quite close to the unmodified counterparts. The Tm of fU was 44.0 ± 
0.1°C (-0.1°C compared to T) for ODN1, 49.8 ± 1.2°C (-1.9°C compared to T) 
for ODN2, 51.8 ± 0.3°C (-1.5°C compared to T) for ODN3, respectively. Thus 
the fU modifications do not change the thermal stability of the dsDNA 
significantly within the sequence context and modification density studied.  
 
Therefore the Tm increases in the order of hmU < T ≈ U ≈ fU. The lowered 
thermal stability by hmU modifications may be explained by the electron-
donating nature of hydroxymethyl group lowering the acidity of N3-H, and 
therefore weakening the hydrogen-bonding for hmU:A. However, the result of 
comparable thermal stability amongst T, U and fU was unexpected. The 
electron-donating methyl group slightly decreases the acidity of N3-H for T 
(pKa 9.34 for U, and 10.04 for T, estimated using first principle quantum 
mechanics by Jang et al.240), and thus weakens the hydrogen bonding of T:A. 
The electron-withdrawing ability of –CHO group increases the acidity of N3-H 
(pKa 7.96 and 7.28 for fU (trans and cis conformation respectively), and 10.04 
for T240), and therefore should strengthen the hydrogen bonding for base 
pairing for fU:A. Hence on this basis the order of base pairing strength should 
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be T<U<fU. The comparable thermal stability may stem from other factors 
such as steric effect of C5 modifications, base stacking and the global DNA 
structure alteration.  
 
The decreased thermal stability of hmU may contribute to the observed strong 
enhancement of transcription with bacterial RNA polymerases at some 
promoters215 by facilitating the transcription bubble formation. In addition, it 
may contribute to the specific protein recognition by regulatory proteins such 
as Uhrf2 and chromatin remodellers Chd1 and 9 and further influence the 
cellular processes130.  
2.2.2 Structural characterization of oligonucleotides containing T 
derivatives 
The structure of T derivatives containing duplexes was assessed with CD 
spectroscopy. CD spectroscopy takes advantage of the property that chiral 
molecules absorb right-handed and left-handed polarized light differently, and 
therefore detect the asymmetry of dsDNA. The position and amplitudes of the 
peaks are influenced by both the chromophore composition (DNA sequences) 
and the chirality posted by the DNA conformation.241 Comparable CD spectra 
may indicate a similar secondary structure, and a change in the CD spectral 
signature may reflect a structure alteration. CD signature characteristics have 
been summarized empirically for A-, B-, F- and Z-form DNA secondary 
structures (Table 2-2)37, 241, 242. The CD spectra of A-form DNA typically 
contain a very deep negative band at around 210 nm, and a dominant and 
broad positive band at near 260 nm. In B-form DNA, the characteristic CD 
spectra have negative bands at around 210 and 245 nm, and positive bands 
at 220 nm and around 260-280 nm. It is noteworthy that the base pairs in the 
B-form DNA are perpendicular to the helix axis; this is not the case in the A-
form. Thus the base pairs in the A-form DNA display significantly more 
chirality and the CD intensity of A-form DNA is much higher.241 The F-form 
DNA shows CD characteristics of a positive peak at 195 nm, and negative 
bands at 260 and 290 nm.37 The CD spectra of left-handed Z-form DNA tends 
to show positive peaks at 220 and 260 nm, and negative bands at 200 and 
290 nm.242  
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Table 2-2. Summary of typical CD characteristics of A-, B-, F- and Z-form DNA.37, 241, 242 
All sequences described in Section 2.2 were explored with CD spectroscopy 
to provide structural insights into the effect of different base modifications on 
DNA duplex at different modification density (1/3/6 modifications per 10 or 12 
bp dsDNA).  
 
Figure 2-4. CD spectra of all sequences modified with different T derivatives. All samples 
were measured in 10 mM PBS buffer at pH 7.2. The samples were scanned in triplicate 
across the range of 200 nm to 350 nm, averaged and corrected using a buffer spectrum and 
absorbance at 320 nm to produce the final CD spectrum. 
In the ODN1 sequence with one modification, all of the DNA investigated 
displayed a CD spectrum characteristic of the B-form of DNA, with negative 
bands around 210 and 250 nm and positive bands around 220 and 270 nm241 
(Figure 2-4). Similarly, in the ODN2 sequence with three modifications on one 
strand, all DNA showed typical B-form DNA CD spectra, with negative bands 
around 206 and 245 nm and positive bands around 215 and 245 nm241 
(Figure 2-4). The CD characteristics of ODN3 (six modifications, three on 
each side) were not as unanimous. DNA containing U, T or hmU still exhibited 
CD signatures of B-form DNA, with negative bands at around 210 nm and 255 
nm (with a shoulder at lower wavelength), and positive bands at around 220 
and 278 nm. Thus the CD spectra suggest U and hmU modifications do not 
alter the general structure of DNA in the sequence contexts and modification 
patterns studied. This result agrees with the finding of Delort et al., who 
demonstrated by NMR spectroscopic measurements that U modifications 
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within the sequence context d(GTACGXAC), X=T or U did not alter the global 
structure of the DNA243.  
 
In contrast, ODN3-fU displayed different CD spectroscopic characteristics 
compared to the other modifications, with negative bands at 207, 267 and 287 
nm, and positive bands at 225 and 250 nm, which is not a typical B-form DNA 
CD signature. Interestingly, the CD signature was similar to that observed for 
the self-complementary fC-containing dodecamer (5’-
CTA(fC)G(fC)G(fC)GTAG-3’)37, with two negative bands at around 260 nm 
and 290 nm, and positive CD ellipticity around 200 nm. However, the 
inversion of polarity at 205 - 260 nm between fC-containing dodecamer and 
ODN3-fU indicates that their respective structures may not be entirely the 
same. The CD signature of ODN3-fU also bore some resemblance to that of 
Z-DNA242, a left-handed double helical structure, in that they both possess 
positive bands at 225 nm, and negative bands at 290 nm (the same negative 
band observed for F-DNA). Nevertheless, the Z-form DNA displays negative 
ellipticity at 200 nm, which is reverse to ODN3-fU; and ODN3-fU does not 
show the positive 260 nm band characteristic to Z-form DNA. Thus based on 
CD signature, ODN3-fU is less likely to be left-handed like Z-DNA. Due to the 
lack of theoretical and empirical evidence for determining the structure directly 
from the wavelength of CD ellipticity alteration, CD can only indicate the 
formation of a unique structure, while the exact structure of ODN3-fU has to 




Figure 2-5. (a) CD spectra of sequences with different 5fU modification pattern and density, 
ODN1-T is used as baseline of comparison; (b) ODN2-fU with different numbers of fU:G 
mismatches.  All samples were measured in 10 mM PBS buffer at pH 7.2. The samples were 
scanned in triplicate across the range of 200 nm to 350 nm, averaged and corrected using a 
buffer spectrum and absorbance at 320 nm to produce the final CD spectrum. 
It was noticed that CD spectra of all the fU-containing duplex DNA sequences 
showed a common negative ellipticity around 300 nm, but not in the spectra of 
the DNA containing other T modifications (Figure 2-5a). The negative band 
deepened and gradually shifted to a shorter wavelength with an increasing 
number of A-complemented fU bases (fU:A) in the duplex. The negative band 
could result from either fU itself, or from fU:A basepair. To identify which, CD 
spectra were recorded for the uncomplemented forward strand of ODN2-5fU 
ssDNA. The negative band was not observed, thus indicating that the 
negative band is not from fU itself. In addition, reverse strands of ODN2 were 
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designed where the A complementing fU was replaced with G as shown in 
Figure 2-5b. As the number of fU:A basepairs replaced by fU:G increased, the 
negative ellipticity gradually diminished near 300 nm, suggesting the 
characteristic negative ellipticity as a special attribute of the fU:A base pair. 
This unique CD signature could indicate a local structural alteration near the 
fU:A base pair, which may further influence the binding and recognition by 
proteins. 
2.3 Conclusion and Future Work 
In this project, the effect of T-modifications on the thermal stability and 
structure of the DNA was investigated using three different sequence 
contexts. With hmU, although no structural change was observed, the 
modifications significantly reduced the thermal stability of modified DNA. 
Furthermore, it was observed that fU, compared to the unmodified dsDNA, 
slightly reduced the thermal stability although not significantly, however the 
CD analysis revealed characteristics that were distinct from that of B-form 
DNA. It is feasible that the formyl group of fU may induce structure change by 
modulating the hydrogen bonding network in a similar way to fC as seen in 
Raiber et al.37.  More structural analysis by X-ray crystallography (preliminary 
work shown in Section 4.2.1) or NMR spectroscopy however will be needed to 
elucidate the high-resolution structure and fully understand the impact of fU 
on the DNA double helix structure. 
 
Overall it was showed that hmU and fU within certain sequence context could 
both influence the biophysical properties of the DNA. Changes to the DNA 
stability or overall DNA structure may be relevant for DNA packaging and 
protein recognition, and thus affect biological processes in cells. 
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3.1.1 Function of Nucleosomes 
In cells, the genomic DNA wraps around histone proteins to form the core unit 
of chromatin known as the nucleosome. Nucleosomes primarily serve to 
compact the genetic material into a higher order chromatin structure. 
Furthermore, nucleosomes control the temporary access of cellular machinery, 
such as DNA and RNA polymerases and transcription factors, to the genomic 
DNA for the relevant cellular function.244-246 
 
Over the last decade, genome-wide studies by high throughput sequencing 
have provided us with a detailed map of the nucleosome organization in 
various organisms.247-252 The use of a non-specific nuclease, the micrococcal 
nuclease (MNase), coupled with next generation sequencing (NGS) have 
enabled the identification of nucleosome positions with respect to the 
underlying genomic DNA sequences as they are protected from MNase 
digestion.253-255 One major finding of these studies was that although the 
nucleosome positioning was globally variable, a subset of well-positioned 
nucleosomes was identified that was crucial for cellular activity. For example, 
the strongly positioned -1 (first nucleosome upstream of transcription start site 
(TSS)) and +1 nucleosomes (first nucleosome downstream of TSS) are 
believed to be important chromatin marks that help modulate RNA 
polymerase II dynamics.256, 257 Since nucleosome positioning plays an 
important role in the regulation of gene expression, there has been a wide 
interest in understanding what determines the nucleosome organization in 
cells. 
3.1.2 DNA Sequence as a Determinant of Nucleosome Organization 
The DNA sequence itself has been demonstrated to be a determinant of 
nucleosome positioning.245, 258-262 The ability to bend around the histone core 
and adopt the nucleosome structure greatly differs between DNA 
sequences.263, 264 In 1998, Lowry et al. used a systematic evolution of ligands 
by exponential enrichment (SELEX) approach to understand the rules that 
govern the affinity of DNA sequences towards histone proteins. This positive 
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selection was done by assembling nucleosomes starting with a pool of 5 x 
1012 different randomly synthesized DNA sequences so that only 10% of the 
DNA was incorporated into nucleosomes. The selection was repeated 15 
times, and selected DNA sequences were analysed bioinformatically to study 
common sequence features. A 10 bp periodicity for the dinucleotide TA/AA 
that favored histone-DNA interactions was observed. The highest-affinity DNA 
sequence identified from this study, known as the Widom 601 sequence, is 
now widely used in in vitro nucleosome studies because of this high affinity, 
and its ability to form homogenous nucleosomes51, 258, 259, 265.  
 
Sequence analysis of genome-wide nucleosome maps from chicken and 
yeast support the trend observed with the in vitro SELEX study using 
synthetic DNA260, 261, 264. A common 10 bp periodicity was identified by MNase 
sequencing (MNase-seq), with an enrichment of AA/AT/TA/TT dinucleotides 
occupying the minor groove facing towards the histone core, while 
CC/CG/GC/GG dinucleotides facing inwards in the major groove due to their 
preference to bend towards major groove266, 267. Since the minor grooves 
facing inwards to histone core need to be compressed to 3.0±0.55 Å, about 
half of the uncompressed width, TA dinucleotide and AT basepairs naturally 
enrich at these positions. This is due to their increased flexibility and 
endurance to local helix overwinding to enable the interaction with arginine 
residue inserted into the minor grooves via salt bridge.259, 266, 268-270  
 
DNA sequences with the lowest histone affinity were shown to contain T(G)nA 
(n≥1) repeats by negative selection with SELEX experiments.271 Several 
telomeric sequences with the (GnTmA0-1)x sequence motif have also shown 
low nucleosome formation propensity.272 In addition, it has been noticed that 
the homopolymeric sequences poly(dA:dT) and poly(dG:dC) tracts were 
generally depleted of nucleosomes, due to their stiffness and alternative 
secondary structure formation, and are therefore difficult to wrap around 
histone proteins.261, 273-277 It has been suggested that poly(dA:dT) is enriched 
in promoter regions of some organisms to keep promoters depleted of 
nucleosomes for protein machinery access and transcription initiation.274, 277 
 
 39 
It is noteworthy that the accuracy of predicting nucleosome positioning based 
on these rules decreases from yeast to human261, 278-281, indicating that with 
increased complexity of the genome, additional factors participate in 
regulating nucleosome positioning.  
3.1.3 Cellular Machinery as a Determinant of Nucleosome 
Organization 
Although the DNA sequence itself can be a predictor of nucleosome location, 
it cannot alone explain the nucleosome organization in cells.282, 283 Particularly 
at regulatory regions that are tissue-specific or change throughout mammalian 
development, the nucleosome landscape is shaped by chromatin remodelers 
that control the access to the genetic information by moving, evicting or 
forming nucleosomes.261, 274  
 
Early evidence supporting the role of cellular machineries in nucleosome 
positioning came from a functional evolutionary experiment284, where a large 
portion of genomic DNA from a foreign species of yeast was introduced into 
S.cerevisiae, and the resultant nucleosome landscape was compared with the 
endogenous landscapes of both species. Since the two yeast species exhibit 
distinctly different nucleosome positioning, the contribution to nucleosome 
positioning due to DNA sequence context and cellular machineries can 
therefore be discerned. The resultant nucleosome profiling of foreign DNA 
displayed the characteristic nucleosome spacing of S.cerevisiae rather than 
the donor yeast species, therefore demonstrating the importance of cellular 
machineries in directing nucleosome positioning. Subsequent studies have 
identified a variety of protein machineries, including ATP-dependent 
chromatin remodelers, which actively reshape the chromatin landscape in 
accordance with cellular activities.274, 283, 285, 286 
 
Chromatin remodelers use the energy from ATP hydrolysis to slide 
nucleosomes and influence nucleosome positioning in vivo.285, 287 The loss of 
these chromatin remodelers has dire effects on cellular activities. For example, 
Whitehouse et al. has shown that the loss of Isw2 resulted in inappropriate 
transcription of both coding and noncoding areas, because Isw2 directs 
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nucleosomes to position at vital positions for correct directionality and 
initiation sites for transcription.288 Gkikopoulos et al. have demonstrated that 
the nucleosome landscape was altered significantly in the coding regions 
downstream of the +1 nucleosome in the absence of Isw1 and Chd1.289 The 
disturbed positioning may be detrimental for the intricate cell system, as even 
a few base pairs shift in nucleosome positioning can change chromatin 
configurations290 and protein interactions291, 292, and further influence 
transcription288 and DNA replication293. 
 
It is noteworthy that the in vivo studies investigating the role of DNA 
sequences and cellular machineries on nucleosome positioning have used 
extracted genomic DNA that already carry endogenous DNA modifications. 
Therefore it is important to understand how DNA modifications contribute to 
the regulation of the nucleosome landscape that is vital for cellular function. 
3.1.4 Effect of xC on Nucleosome Positioning and Occupancy in 
Chromatin 
The correlation between DNA modifications and genome-wide nucleosome 
occupancy has been studied in the context of mC, hmC and fC by comparing 
the genome-wide in vivo nucleosome footprint with DNA modification profiles 
in model systems such as Arabidopsis thaliana and mESCs.  
 
Generally, nucleosomal DNA is linked to higher DNA methylation levels than 
flanking DNA in both Arabidopsis thaliana and human cells294, 295. 
Chodavarapu et al. have also shown that the methylation pattern displayed a 
10 bp periodicity, coinciding with the number of base pairs in each helical turn 
of nucleosomal DNA. Therefore they proposed that DNA methyltransferases 
may preferentially target nucleosomal DNA294.  
 
Teif et al. have demonstrated that in mESCs, TET1 binding sites that had low 
levels of hmC (>25%) were slightly enriched with MNase-sensitive 
nucleosomes. Notably, higher density hmC sites (>50% or >90%) were 
associated with nucleosome depletion. Upon cell differentiation, the 
nucleosomes were depleted in mESCs but highly enriched in mouse 
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embryonic fibroblasts cells.296 The cell-type-dependent difference suggests 
that as differentiation progresses, hmC levels decrease, causing an increase 
in nucleosome occupancy.296, 297 
 
The effect of fC on genome-wide nucleosome positioning and occupancy in 
embryonic mouse tissues was studied by Dr Eun-Ang Raiber 
(Balasubramanian group).298 By comparing the genome-wide in vivo 
nucleosome footprint with the fC sites, it was observed that naturally existing 
nucleosomes tend to colocalize with fC peaks. This study also revealed that 
genomic regions, including CpG islands, which are generally depleted of 
nucleosomes showed increased nucleosome occupancy at fC-containing CpG 
islands. Furthermore it showed that fC contributed to the tissue-specific 
organization of nucleosomes. Collectively, the findings from this study suggest 
a role of fC in establishing distinct regulatory regions that control transcription. 
3.1.5 Effects of DNA Modifications on DNA Flexibility 
To understand the molecular basis for the correlation between DNA 
modifications and nucleosome occupancy/positioning, in vitro biophysical 
studies have been done. Due to the complexity of chromatin, researchers 
have used the core unit of chromatin, the nucleosome core particle, as an in 
vitro model system for investigating the effect of DNA modifications. The 
nucleosome is a 200 kDa disk-shaped molecule, formed by 147bp DNA 
wrapped left-handedly around histone proteins, with one side of the DNA 
facing towards the histone, interacting with the histone core and tails through 
hydrogen-bonding interactions and the electrostatic interactions299. 
Nucleosomal DNA is significantly deformed when wrapped around histone 
proteins, therefore the DNA flexibility plays an important role in the 
nucleosome formation and stability.300 Therefore the impact of DNA 
modifications on the flexibility of the dsDNA was of particular interest. The 
effect of C derivatives on DNA flexibility has been studied mainly by DNA 
cyclization experiments (Figure 3-1a), which measure the time a strand of 





Figure 3-1. (a) schematic illustration of DNA cyclization assay; (b) DNA sequence and the 
modifications sites (indicated by black dots) investigated; (c) fraction of looped molecules as a 
function of time for DNA containing different xCs at four copies per dsDNA; (d) looping time 
for DNA containing different numbers and types of modifications. Figure was taken from Ngo 
et al.111. 
The cyclization times needed for DNA carrying xC modifications at different 
densities consistently showed that fC greatly increased the flexibility of the 
DNA strand compared to the unmodified counterpart (Figure 3-1). It is 
noteworthy that even a single fC modification was enough to make the DNA 
more flexible as compared to the unmodified DNA. Although not as effective 
as fC, multiple hmC modifications also made the DNA more flexible.111 mC, 
on the other hand, rendered the DNA increasingly rigid as the number of 
modifications increased.111, 222, 301 
3.1.6 Effects of DNA Modifications on Nucleosome Formation and 
Stability in vitro      
The DNA sequence has been shown to influence the biophysical properties of 
the nucleosome, such as reducing nucleosome sliding on the DNA sequence, 
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reducing nucleosome breathing (the transient opening of DNA ends) and 
therefore reducing the accessibility of nucleosomal DNA.280 The DNA 
sequence alone can make the nucleosome stability vary over a thousand 
fold.302 On top of the DNA sequence, DNA modifications add another layer of 
tuning nucleosome biophysical properties, such as compactness and stability. 
 
Using Förster Resonance Energy Transfer (FRET), researchers observed that 
the two ends of nucleosomal DNA stayed in closer proximity upon 
methylation, indicating DNA methylation induces nucleosome compaction and 
may therefore contribute to a repressive chromatin structure.303, 304  
 
The effect of DNA methylation on nucleosome stability has been studied in 
the context of the mC:G base pair location. As DNA faces histones through 
alternating major and minor grooves, the location of the mC:G has been 
classified based on the orientation of the groove. It has been observed that 
mC:G basepairs in minor groove positions destabilize the nucleosome more 
than those in major groove positions, both by FRET and by computation on 
different sequences.305, 306 FRET experiments have also shown that 
methylation in central dyad positions does not influence nucleosome stability 
significantly.305 The reduced tolerance of CpG methylation at both the major 
and minor grooves has been proposed to influence nucleosome positioning in 
the genome.305-307 Through optical tweezers experiments which measure the 
forces needed to physically unwrap nucleosomes monitored with FRET, Ngo 
et al. have shown that mC modifications mechanically destabilize 
nucleosomes by assisting in the early unwrapping of the DNA termini but not 
the final unwrapping of the inner turn. They suggested that the destabilizing 
effect might be caused by the rigidity of the mC-containing DNA111.  
 
However, depending on sequence context and modification pattern, mC has 
also been observed to promote nucleosome formation.294 To account for the 
influence of sequence context on nucleosome positioning and stability, a 
nucleosome reconstitution experiment was done with genomic DNA with or 
without DNA methylation by Collings et al. They discovered that upon 
methylation, normally unmethylated and nucleosome-depleted CpG island 
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regions near the TSS were enriched with nucleosome.308 They also noticed 
that the methylated CpGs preferentially located in minor grooves facing 
towards histone proteins308, which agrees with the studies of Chodavarapu et 
al. in Arabidopsis294 but contradicts the in vitro and in silico experiments 
mentioned above305, 306. This may suggest that the sequence context plays an 
important role in the geometric positional preference of mC and its influence 
on nucleosome stability. 
 
Little is known about the effects of hmC and fC on the biophysical properties 
of nucleosomes in vitro. Mendonca et al. showed using salt titration 
experiments that hmC modifications increased overall nucleosome stability by 
increasing the affinity specifically towards the histone (H3-H4)2 tetramer, but 
decreasing the interaction with the H2A-H2B dimer.309  
 
Ngo et al. have shown by optical tweezers experiments that with only two fC 
modifications on one side of Widom DNA, the nucleosome’s mechanical 
stability was increased compared to the unmodified counterpart. They 
suggested that this may be caused by the increase in flexibility of the fC-
containing DNA111. 
 
To deepen the understanding of the phenomena observed in the complex 
genomic system with in vivo experiments, further systematic in vitro studies 
on the effect of naturally occurring DNA modifications on nucleosome 
occupancy and stability are needed, considering their potential importance in 
the regulation of cellular processes. DNA and nucleosomes containing various 
DNA modifications have demonstrated specific recruitment/exclusion of 
chromatin remodelers and transcription factors, suggesting the participation of 
DNA modifications in cellular activities such as transcription163, 167.  
3.2 Results and Discussion  
For the biophysical studies, the Widom 601 sequence (detailed in section 
3.1.2) and the Human α Satellite (HS) sequence were used (sequences listed 
in Table 5-1). Both sequences are commonly used for in vitro nucleosome 
studies since they are strong nucleosome positioning sequences and 
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therefore form homogenous nucleosomes. Furthermore, both nucleosome 
structures have been both well-characterized by X-ray crystallography.51, 267 
 
The HS sequence is a 146bp palindromic sequence derived from human α-
satellite DNA310. The HS and Widom sequences are different in aspects such 
as GC% (39.7% for HS and 55.8% for Widom sequence), and the number of 
CpG sites (0 for HS and 30 for Widom). High GC% has been shown to favor 
the nucleosome formation in vitro but not in vivo, likely due to the 
repositioning effect of cellular machineries. The CpG content correlated 
positively with nucleosome occupancy at AT-rich promoters, but negatively 
with CpG rich promoters.261, 276, 311, 312  
 
DNA modifications for this study were generally introduced by Polymerase 
Chain Reaction (PCR) using modified deoxynucleoside triphosphates (dNtps) 
(Figure 3-2). Because the primers used in the PCR were not modified, the 
modifiable cytosines were 70 out of 82 in both strands, and the modifiable 
thymines were 51 out of 65 in total.  
 
Figure 3-2. PCR schematics for generating fully xC- and xU-modified DNA (showed xC as an 
example); the pink primer regions do not have any modification. 
3.2.1 In vitro Nucleosome Assembly 
If the positively charged histone (from the protonated amino acids lysine and 
arginine) and negatively charged DNA (from the phosphate backbone) are 
directly mixed together, they tend to aggregate non-specifically and fall into a 
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kinetic trap rather than forming the thermodynamically stable nucleosome 
product. Thus assisting factors are needed to gradually deposit DNA onto the 
histone to form the defined structure of the nucleosome.313  
 
Traditionally the nucleosome is assembled by mixing histone proteins and 
DNA under a high salt concentration, which is enough to shield the non-
specific interactions and avoid aggregate formation; the salt is then gradually 
removed by dialysis so that the DNA and histone can form the most 
thermodynamically stable nucleosome.314 Besides inorganic salts, it has been 
reported that negatively charged organic molecules, such as RNA315 and 
polyglutamic acid (PGA)316, 317 can also assist in slowly depositing DNA onto 
the histone. 
 
Figure 3-3. Model for ACF and NAP-1 assisted nucleosome assembly. ACF translocates 
along DNA and associates with a histone-NAP-1 complex, and then ACF dissociates histone-
NAP-1 interactions while establishing histone-DNA interactions. Upon nucleosome formation, 
NAP-1 and ACF are dissociated from the nucleosome. Figure was taken from Haushalter et 
al.318. 
However, it was shown that nucleosome positioning using the above-
mentioned methods was rather random, while incubation with cell extract 
produced regularly spaced nucleosomes.319 Later ATP-utilizing chromatin 
assembly factor complex (ACF) was identified from a cellular extract to work 
in synergy with histone chaperones such as nucleosome assembly protein 1 
(NAP-1) to deposit and regularly space nucleosomes in vitro by eliminating 
the non-nucleosomal interactions.320-322 The multiple acidic amino acid 
patches allow NAP-1 to carry negative charges and interact with the positively 
charged histone.323 ACF is composed of an Acf1 subunit and an ISWI subunit 
containing an ATPase domain that hydrolyzes ATP into ADP. The resultant 
energy is used in nucleosome assembly.320 Deletion experiments have shown 
that the Acf1 subunit is also indispensible for the nucleosome assembly ability 
of ACF.324 NAP-1 and ACF work together to load the DNA onto the (H3-H4)2 
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tetramer318, then the H2A-H2B dimer binds to the peripheral region of (H3-
H4)2 tetramer to form the nucleosome (Figure 3-3)321. The combination of 
ACF and NAP-1 has been shown to produce in vivo like nucleosome 
positioning, therefore we mainly used these biological assisting factors to 
asses the effect of xC on nucleosome occupancy. 
3.2.2 Nucleosome Assembly of Modified DNA using Biological 
Assisting Factors 
The nucleosomes were assembled with biological assisting factors as shown 
in Figure 3-4a. Nucleosomes are larger in size than free DNA, and the 
negative charge of nucleosomal DNA is partially balanced by the positive 
charge of the histone. As a result, the nucleosome migrates slower than free 
DNA on native gel, producing an upshifted band that runs around 400 bp 
compared to the DNA control as shown in Figure 3-4b. 
 
Figure 3-4. (a) Schematic illustration of nucleosome assembly experiments. MM stands for 
master mix; (b) Gel image of nucleosome assembly experiment with C-Widom DNA, control 
DNA and ladder. 
To confirm that the higher band was the nucleosome fraction and not other 
protein-DNA aggregates (such as NAP-1 or ACF forming complex with DNA), 
the upshift band was excised and checked by proteomics, which identified all 
four histone subunits. Additional control experiments were performed, where 
all the components except histone proteins were mixed and incubated. No 
upshift band was observed, confirming again that the upshift band resulted 
from the nucleosome (Figure 3-5). 
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Figure 3-5. Schematic illustration and gel image for the control experiment setup with only 
NAP-1 and ACF but no histone proteins. There was only free DNA band with no upshift band 
for nucleosome. 
3.2.3 Condition Optimization 
In order to capture changes in nucleosome occupancy accurately, the 
incubation time and the histone:DNA ratio were optimized to obtain the 
nucleosome and free DNA fraction in equilibrium and at a similar intensity on 
the gel. This was undertaken to prevent the band of nucleosome or free DNA 
from being too faint, rendering the changes in nucleosome occupancy 
unquantifiable.  
3.2.3.1 Incubation Time 
Incubation time was modulated to ensure the nucleosome assembly reached 
equilibrium before evaluation. To do this, DNA and histone proteins were 
incubated at 27°C for three different time periods, namely 4 h, 15 h and 63 h. 
Figure 3-6 shows that after 4 h, the assembly was still not complete, while the 
assembly reaction extending beyond 15 h did not further increase the yield of 
nucleosome. Hence the effect of DNA modifications on nucleosome assembly 
was assessed at 15 h incubation and at 27°C. 
 
Figure 3-6. Plot of nucleosome occupancy with different incubation times in the nucleosome 
assembly experiment.  
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3.2.3.2 Histone:DNA ratio screen 
Different ratios of histone to DNA concentrations were screened for condition 
optimization. The amount of histone proteins was fixed whereas the amount of 
the Widom DNA was varied to test histone to DNA ratio between 1:0.12 and 
1:0.59 (equivalent to 40 to 200 ng DNA input per 15 µL reaction). The 
quantification results revealed that the ratio 1:0.35 (equivalent to 120 ng DNA 
input) produced a nucleosome occupancy of around 50% (Figure 3-7 upper 
panel).  
 
Figure 3-7. Gel images and plots of quantification for nucleosome assembly experiment with 
histone:DNA molecular ratio screening between 1:0.12 and 1:0.59 (with fixed MM 
concentration and C-Widom DNA input varying between 40 to 200 ng); and further screening 
with C- and fC-Widom DNA, with histone:DNA molecular ratio between 1:0.30 and 1:0.35 
(with fixed MM concentration and DNA input varying between 80 to 120 ng). 
Further screening with C-Widom and fC-Widom between ratios of 1:0.30 and 
1:0.35 (equivalent to 80 ng to 120 ng DNA input) showed that 100 ng gave 
around 50% nucleosome occupancy for both reactions (Figure 3-7 lower 
panel), which is ideal for our study. Thus 100 ng DNA input was used to study 
the influence of DNA modifications on nucleosome assembly.  
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The results showing the optimal condition for nucleosome occupancy 
assessment are summarized in Table 3-1. Components were mixed in the 
following molar ratio:  histone: DNA : NAP-1 : ACF = 1: 0.30 : 5.04 : 0.08 with 
DNA input of 100 ng, and incubation at 27°C for at least 15 hours. 
 
Table 3-1. Relevant information of the components in the optimized condition of nucleosome 
assembly reaction. The molecular weight of NAP-1 and ACF was taken from Fyodorov et al. 
322. 
3.2.4 Effect of High Density xC Modifications on Nucleosome 
Occupancy  
The optimized condition was used to assess the influence of DNA 
modifications on nucleosome occupancy. DNA fully modified with individual 
xC modifications was generated by PCR and assembled into nucleosomes as 
shown in Figure 3-4. Since the DNA-histone ratio is crucial for the efficiency of 
nucleosome assembly, slight changes in the amount of the input DNA may 
influence the observed nucleosome occupancy. To ensure equal amounts of 
input DNA for each assembly reaction, we used quantitative real-time PCR 
(qPCR) to quantify the modified DNA, since dense DNA modifications in the 
Widom sequence (70 modifications in 147 bp) may cause a change in the UV 
extinction coefficient at A260 and lead to misrepresentation of the DNA amount 
as measured by UV spectroscopy. 
 
After nucleosome assembly, the reaction mixture was separated by native gel 
electrophoresis, and the gel was post-stained by GelRedTM Nucleic Acid Gel 
Stain (Figure 6-3), which binds to dsDNA through both intercalation and 
electrostatic interaction. Upon binding, the dye exhibits a large fluorescence 
enhancement and thus allows quantitative detection of GelRed bound nucleic 
acid. The nucleosome band and DNA band were quantified to calculate the 
nucleosome occupancy and therefore determine the promoting/suppressing 
effect brought about by DNA modifications. Nucleosome occupancy (Nuc%) 




𝑛𝑢𝑐𝑙𝑒𝑜𝑠𝑜𝑚𝑎𝑙 𝐷𝑁𝐴 +  𝑓𝑟𝑒𝑒 𝐷𝑁𝐴×100% 
Interestingly, the results (Figure 3-8) show that fC significantly increased the 
nucleosome occupancy compared to C (unpaired t-test with Welch’s 
correction two tailed p value < 0.0001). Conversely, mC and caC 
modifications showed very similar nucleosome occupancy to C (unpaired t-
test with Welch’s correction two tailed p value = 0.9885 and 0.8399), whereas 
hmC modifications  slightly decreased nucleosome occupancy (unpaired t-test 
with Welch’s correction two tailed p value = 0.0151). 
 
Figure 3-8. Gel image and plot of nucleosome occupancy with different modifications with 
respect to that of the unmodified DNA (ordinary one-way ANOVA test p value < 0.0001, each 
xC measurements were repeated for at least 10 times). The gels were imaged with either 
Typhoon or GBox with EtBr filter (excites at 532 nm and measure emission at 610 nm). 
This result is consistent with earlier observations from genome-wide studies 
that linked fC to increased nucleosome occupancy in mouse tissues. This in 
vitro experiment provides direct evidence that the preference of fC-DNA for 
nucleosomes in vivo is a result of intrinsic fC-DNA-histone interaction. Since 
the formyl group of fC may either act as an additional acceptor for H-bond 
interactions with histone proteins, or form a covalent Schiff base with the 
primary amines of the histone tail (further investigated in Section 3.2.12), it 
may stabilize the DNA-histone interactions resulting in increased nucleosome 
occupancy. 
3.2.4.1 Effect of T derivatives on Nucleosome Occupancy 
The assessment of the influence of T derivatives on nucleosome occupancy 
revealed that fU greatly promotes nucleosome formation compared to the 
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unmodified nucleosome control (unpaired t-test with Welch’s correction two-
tailed test p = 0.0333, Figure 3-9). In contrast, the presence of U decreased 
nucleosome occupancy (unpaired t-test with Welch’s correction two-tailed test 
p = 0.0295). hmU-modified DNA exhibited similar nucleosome occupancy with 
unmodified DNA (unpaired t-test with Welch’s correction two-tailed test p = 
0.9192 > 0.05). 
 
Figure 3-9. Schematics of nucleosome assembly, and gel image and result plot of 
nucleosome occupancy with different modifications with respect to that of the unmodified 
DNA (ordinary one-way ANOVA test p value < 0.0001). The gels were imaged with Typhoon 
with EtBr filter (excited at 532 nm and measured emission at 610 nm). 
Considering the structural similarity between fC and fU, the mutual promoting 
effect could stem from the common formyl group.  A previous study from our 
group showed that the formyl group of fU is more reactive than that of fC325, 
suggesting a higher probability of Schiff base formation. Furthermore, 
structural changes to the DNA double helical structure introduced by 
symmetrical fU modifications (as discussed in Chapter 2) may also contribute 
to the promotion of nucleosome formation. DNA flexibility is another major 
factor influencing nucleosome formation, however we are unaware of any 
study on the DNA flexibility of fU-modified DNA. Our observation that U 
decreases nucleosome occupancy as compared to unmodified DNA suggests 
that the –CH3 group (as present in T) positively impacts nucleosome 
occupancy either through additional interaction with the histone or potentially 
by increasing the flexibility of the DNA. The presence of –CH2OH group (as in 
the hmU-DNA) did not change the nucleosome occupancy as compared to 
the unmodified DNA, suggesting that at least in Widom sequence context 
hmU does not affect overall DNA-histone interactions. 
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As C derivatives are more abundant and the biological functions are better 
understood, we prioritized the investigation of the effect of C derivatives on 
nucleosomes for the rest of this study. 
3.2.4.2 Nucleosome Formation with HS Sequence 
It is possible that the sequence context of Widom DNA may stimulate the 
promoting effect of fC on nucleosome occupancy. Therefore, the effect of xC 
on nucleosome occupancy was assessed with an additional sequence, the 
HS sequence (detailed in Section 3.2).  
 
Figure 3-10. Gel image and quantification of nucleosome occupancy assessment with xC-HS 
normalized against the unmodified counterpart (ordinary one-way ANOVA test p value = 
0.0007). 
In this sequence context, fC demonstrated increased nucleosome occupancy 
(Figure 3-10, unpaired t-test with Welch’s correction two-tailed test p = 
0.1037). The promoting effect of fC agrees with our observation of Widom 
DNA, despite the drastic difference in GC% and number of CpG site, which 
have been shown to influence nucleosome formation in previous literature 
reports.261, 276, 311, 312 Therefore the promoting effect of fC is to a certain extent 
independent of the sequence context. 
 
On the other hand, the differences in nucleosome occupancy we observed 
with mC, hmC and caC modifications in the HS sequence compared to the 
Widom sequence suggested that the effect is rather dependent on sequence 
context and not modification specific. 
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3.2.4.3 Nucleosome Occupancy Measured by Single Fluorescent 
Labelling 
During our initial experiments we observed that the intensity of the combined 
nucleosome and free DNA band were different depending on the DNA 
modification, suggesting that the staining of the gel by GelRed itself may be 
affected by the DNA modifications. To ensure that the changes in nucleosome 
occupancy we observed were genuine, Cy3- and Cy5-labelled DNA were 
used for nucleosome assembly and quantification for confirmation. 
 
Fluorescence labels Cy3 and Cy5 (Figure 6-4) were chosen because of their 
high extinction coefficient, as well as the low non-specific interaction with 
biomolecules. Both fluorophores were used within the linear responding range 
between the concentration of fluorophores and the signal intensity.326 This 
ensured that the intensity of fluorescence linearly reflected the amount of DNA 
present, as each strand of dsDNA carries only one label. The fluorescent 
labelling eliminates the need for post-staining, and therefore makes the values 
from different gels more comparable. The Cy3 and Cy5 were placed at the 5’ 
end of primer sequence (forward strand and reverse strand, respectively, as 
shown in Figure 3-11) and introduced to the template by PCR. 
 
 
Figure 3-11. (a) nucleosome occupancy measured with Cy3 fluorescence excitation at 532 
nm and emission measured at 580 nm. (b) nucleosome occupancy measured with Cy5 
fluorescence excitation at 633 nm and emission measured at 670 nm. 
Results obtained by single fluorescent labelling imaging (Figure 3-11) 
confirmed the observation with post-staining imaging that fC significantly 
increased nucleosome occupancy compared to unmodified DNA (unpaired t-
test with Welch’s correction two-tailed test p value for Cy3 imaging 0.0002; 
Cy5 imaging < 0.0001). DNA modified with mC instead decreased 
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nucleosome occupancy, while hmC showed comparable nucleosome 
occupancy with the unmodified DNA although not significantly for either 
imaging method. 
3.2.4.4 Investigating the Interactions between fC and assisting 
factors 
Our observation that certain DNA modifications change the nucleosome 
occupancy may be caused by the interaction between biological assisting 
factors with the DNA modifications rather than the intrinsic preference of 
nucleosomes for certain DNA modifications. To understand the molecular 
basis for the effect of DNA modifications on nucleosome occupancy, we 
separately investigated the roles of NAP-1 and ACF in nucleosome formation. 
The nucleosome occupancy was quantified after assembly using organic 
polymers (PGA) and inorganic salts (NaCl) as alternative chaperones to 
confirm the effect of DNA modifications observed in previous sections. 
3.2.5 Nucleosome Assembly by NAP-1 or ACF 
Nucleosomes were formed in the presence of either NAP-1 or ACF (Figure 3-
12) to study whether these factors preferentially interact with certain DNA 
modifications. The nucleosome occupancy (Nuc%) ratio was calculated to 
assess the preference.  
 
Figure 3-12. An example of the gel image of the nucleosome formation experiment with either 
NAP-1 or ACF, and both factors; and the equations to assess the preference of NAP-1 and 
ACF towards xC-modified DNA. 
The Nuc% ratio was compared across different xC modifications (Figure 3-13). 
We observed that in the absence of NAP-1, the Nuc% ratio slightly decreased 
 56 
in the order C>mC>hmC>fC.  When ACF was absent, the Nuc% ratio showed 
marginal decreased in the order C>fC>mC>hmC. Neither NAP-1 nor ACF 
demonstrate a significant preference towards fC-Widom DNA compared to the 
unmodified counterpart (unpaired t-test with Welch’s correction two-tailed test 
p value for NAP-1 is 0.2665>0.05, for ACF is 0.1312>0.05). Therefore the 
biological assisting factors used for nucleosome assembly do not exhibit a 
significant effect on the promoting effect observed for fC. 
 
Figure 3-13. The schematic illustration of experimental set up and the quantified results for 
nucleosome assembly reaction without (a) NAP-1; (b) ACF. 
To further confirm that the promoting effect of fC comes from the intrinsic 
changes that fC modifications post on nucleosomes, the nucleosome 
assembly experiment was repeated using PGA and NaCl as alternative 
chaperones. 
3.2.6 Nucleosome Assembly by PGA 
Acidic polypeptides such as PGA and polyaspartic acid have been reported to 
assemble histone and DNA into the nucleosome at physiological salt 
concentration (Figure 3-14).316 PGA contains multiple carboxylate side chains, 
making it highly negatively charged and can thus interact with the positively 
charged histone. The PGA-histone complex prevents the nucleosome 
assembly reaction from falling into the kinetic trap by forming a non-specific 
aggregation. By gradually displacing PGA, DNA slowly wraps around the 
histone to form nucleosomes.317 The histone interaction with acidic proteins 
and polypeptides has been suggested as a potential mechanism for cells to 
prevent the excessive histone from aggregating and keeping the histone 
available for chromatin formation.316 
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Figure 3-14. Nucleosome assembly with L-polyglutamic acid (PGA, MW 50 kDa – 100 kDa) 
assistance: left: the workflow of nucleosome assembly. Right: the nucleosome occupancy of 
xC-Widom DNA normalized against the unmodified counterpart, quantified from native gel 
electrophoresis experiments (ordinary one-way ANOVA test p value < 0.0001), imaged with 
either Typhoon with EtBr filter (excited at 532 nm and emission measured at 610 nm). 
As shown in Figure 3-14, despite the different assisting factors used, fC 
demonstrated a similar promoting effect for nucleosome occupancy in PGA-
assisted nucleosome assembly to that observed with biological assisting 
factors. Interestingly, in this method, caC exhibits increased nucleosome 
occupancy compared to unmodified DNA in the Widom DNA context, while in 
nucleosome assembly with biological assisting factors, caC showed a slightly 
repressed nucleosome occupancy.  This is likely caused by the nature of this 
assembly method: nucleosomes were assembled by DNA competing with and 
replacing the negatively charged PGA molecule from histone-PGA complex. 
The caC-Widom DNA is significantly more negatively charged than other xC-
modified DNA, because it has negative charges from both the phosphate 
backbone, as with other xC-Widom DNA, and the additional carboxylate 
groups (70/147 bp) from the base modification itself. Therefore caC-Widom 
DNA naturally competes more strongly for histones from the histone-PGA 
complex to form nucleosomes. 
 
Since fC promotes nucleosome occupancy with the alternative chaperone 
PGA, this supports the conclusions, from Section 3.2.5, that fC contributes to 
nucleosome formation by a molecular mechanism independent of chaperones.  
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3.2.7 Competing Nucleosome Assembly 
Having demonstrated that nucleosomes preferentially formed with fC-DNA in 
various assembly conditions, the ability of fC-DNA to increase the 
nucleosome occupancy in the presence of C-, mC- or hmC-DNA was then 
investigated. To do this, a competition assay for nucleosome formation was 
set up where the competing DNA was labelled with two different fluorophores, 
Cy3 and Cy5 (schematic Figure 3-15, excitation and emission profile Figure 6-
5). By measuring the emission at different wavelengths, the nucleosome 
occupancy of individual competing DNA modifications can be accurately 
measured. The promoting/suppressing effect can be shown by nucleosome 
occupancy (Nuc%) ratio: 
𝑁𝑢𝑐% 𝑟𝑎𝑡𝑖𝑜 (𝑎/𝑏) =
𝑛𝑢𝑐𝑙𝑒𝑜𝑠𝑜𝑚𝑒% 𝑓𝑟𝑜𝑚 𝑐ℎ𝑎𝑛𝑛𝑒𝑙 𝑎
𝑛𝑢𝑐𝑙𝑒𝑜𝑠𝑜𝑚𝑒% 𝑓𝑟𝑜𝑚 𝑐ℎ𝑎𝑛𝑛𝑒𝑙 𝑏 
To ensure that the position and type of fluorescence labelling did not interfere 
with the nucleosome formation, the nucleosome assembly was performed 
with both combinations of DNA modifications and fluorescence labels, e.g. the 
relative nucleosome occupancy of mC and fC was compared by both mC-Cy3 
vs. fC-Cy5, and mC-Cy5 vs. fC-Cy3. 
 
Figure 3-15. Schematic illustration for orthogonal fluorescence labelling experimental set up, 
and nucleosome occupancy measurement of DNA containing different xC modifications and 
orthogonal fluorescence labelling,  (Cy3 fluorescence excited at 532 nm and measured 
emission at 580 nm, and Cy5 fluorescence excited at 633 nm and measured emission at 670 
nm). 
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First, the robustness of the method was tested by comparing the nucleosome 
occupancy of C-Cy3 and C-Cy5. The Nuc% ratio obtained was very close to 1, 
confirming that the nucleosome occupancy from both channels can be well-
represented. 
 
Then the nucleosome occupancy amongst the C derivatives was compared. 
The ratios of nucleosome occupancy of fC-Widom-Cy3 DNA over C-, mC- and 
hmC-containing DNA labelled with Cy5 are all higher than 1 (Wilcoxon Signed 
Rank Test p value = 0.0156), therefore demonstrating that fC is the most 
occupancy-promoting DNA modification of all xC investigated in the Widom 
sequence context. This observation was confirmed by using other 
combinations of C-Cy5 vs. xC-Cy3 (x = m, hm and f) and fC-Cy5 vs. xC-Cy3 
(x = unmodified, m and hm) labelled sequences.  
 
This method compares the ratio of nucleosome occupancy for the two 
different modifications involved, and since the nucleosome occupancy is an 
equilibrium state that is independent of DNA input, this method provides the 
fairest comparison out of the three imaging methods detailed in this thesis. 
However, the number of samples is restricted by the number of orthogonal 
fluorescent labels used. In the current experiment set up, only two kinds of 
DNA can be compared in each experiment, and the number of experiments 
needed is exponentially related to number of samples, while the GelRed and 
single fluorescence methods are linearly related to the number of samples. 
 
Overall, the results obtained by post-staining, single fluorescence 
quantification and orthogonal fluorescence competition point to the same 
conclusion that fC-modified DNA promotes nucleosome formation in the 
context of Widom and HS sequence compared to other C derivatives studied.  
3.2.8 Effect of xC at Low Density on Nucleosome Formation  
Although high modification density may amplify the influence of modifications 
from background noise, the fully modified DNA does not reflect the 
modification density observed in genomic DNA.186, 327 Therefore, it was next 
investigated whether low-density modifications are sufficient to influence 
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nucleosome occupancy. To do this, the PCR condition for preparing the DNA 
with the correct modification density was first optimized. The DNA modified 
with low-density xC was subsequently used to evaluate the impact of these 
modifications on nucleosome occupancy. 
3.2.8.1 Relationship Between PCR Input and Incorporation 
To generate DNA containing the desired density of modification by PCR, the 
relationship between xdCtp input and xC incorporation efficiency was first 
established by high-performance liquid chromatography (HPLC) (Figure 3-16).  
 
First, Widom DNA with 100% xC modification was produced by PCR, and 
digested into nucleosides. The digested reaction mixture was resolved into 
individual nucleoside peaks by HPLC. The peaks were identified by synthetic 
standards and by mass. The peak area for all bases was integrated, and the 
peak ratio was used as the 100% incorporation standard.  
𝑝𝑒𝑎𝑘 𝑟𝑎𝑡𝑖𝑜 =  
𝑝𝑒𝑎𝑘 𝑎𝑟𝑒𝑎 𝑜𝑓 𝑥𝐶
𝑝𝑒𝑎𝑘 𝑎𝑟𝑒𝑎 𝑜𝑓 𝐴 𝑜𝑟 𝐺 𝑜𝑟 𝑇 
In the 100% xC input standard, a small amount of C nucleoside can still be 
seen at around 5 minutes (Figure 3-16) which originates from the primer 
region of the PCR product. 
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Figure 3-16. Schematic illustration for generating DNA with different densities of fC 
modification, and quantification of fC incorporation level by HPLC; the pink primer regions do 
not have any modification. 
To obtain lower-density modified Widom DNA, we screened the xdCtp/dCtp 
ratio during the PCR step from 100% down to 0% xdCtp input percentage. 
The DNA was subsequently digested and the peaks were analysed by HPLC. 
Because all DNA strands were generated from the same template, the ratio 
between all C species to A/G/T remains constant. Therefore the incorporation 
percentage of xC can be deduced from the ratio between the peak ratios 
using the following: 
𝑖𝑛𝑐𝑜𝑟𝑝𝑜𝑟𝑎𝑡𝑖𝑜𝑛% =
𝑝𝑒𝑎𝑘 𝑟𝑎𝑡𝑖𝑜 (%𝑖𝑛𝑝𝑢𝑡)
𝑝𝑒𝑎𝑘 𝑟𝑎𝑡𝑖𝑜 (100% 𝑖𝑛𝑝𝑢𝑡)  × 100% 
The xC incorporation percentage was quantified through internally referencing 
to the corresponding peak area of A/G/T from the same run, thereby 
eliminating the risk of experimental error introduced by the spike-in reference 
method for quantification. To confirm that the modifications do not interfere 
with DNA digestion, the incorporation percentage of modified C was 
calculated with the peak area of A, G and T separately, and consistent results 
were obtained. In addition, the sum of incorporation percentages for all C 
species was very close to 100%, demonstrating that the digestion was indeed 
complete, and the quantification method was consistent and accurate. 
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When the xC incorporation level of the PCR product was plotted against the 
xdCtp input ratio, the incorporation level showed a linear relationship with the 
input ratio (Figure 3-16), allowing the generation of any density-modified DNA 
using the calculated DNA input.  
3.2.8.2 Nucleosome Formation with DNA Containing Low-Density C 
Modifications 
Using the relationship established between xdCtp input and incorporation, 
Widom DNA modified with 1% xC (x=m, hm and f) was generated (Figure 3-
17), corresponding to around 1 modified C per dsDNA. Since 1% modification 
cannot be quantified by normal HPLC, LC-MS/MS with spike-in standards 
were used to confirm this low incorporation rate. 
 
Figure 3-17. Schematic illustration for generating 1% incorporation xC-modified DNA; and the 
tapestation image examining the purity of product. 
As shown in Figure 3-18, in order to compare the effect of modification density 
on the affinity of DNA to histone, DNA modified with low-density xC labelled 
with Cy3 was competed with corresponding fully modified DNA labelled with 
Cy5 to form the nucleosome. Surprisingly, comparable nucleosome 
occupancy was observed for low- and high-density modification for all the xC 
studied. This indicates that one xC modification per copy of DNA is enough to 
promote nucleosome formation to the same extent as full modified DNA. 
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Figure 3-18. Nucleosome occupancy comparison between DNA containing low- and high-
density modifications (Cy3 fluorescence excited at 532 nm and measured emission at 580 nm, 
and Cy5 fluorescence excited at 633 nm and measured emission at 670 nm). 
To confirm that the modification densities between 1% and 100% also exhibit 
similar nucleosome promoting capacity, four intermediate modification 
densities (30%, 10%, 5% and 2%) of fC labelled with Cy3 were prepared and 
competed with C-Cy5 to form the nucleosome (Figure 3-19). The nucleosome 
occupancy ratio of low percentage fC-DNA over unmodified DNA was 
consistently around 1.1, which indicates that fC modification density ranging 
from 2% to 30% increased DNA affinity to histone compared to unmodified 
DNA with comparable potency. This result was confirmed by single 
fluorescence imaging and post-staining. 
 
Figure 3-19. Example of nucleosome occupancy measurements for the DNA containing fC 
modification different at densities, measured by Orthogonal Fluorescence Competition 
method. Cy3 fluorescence excited at 532 nm and measured emission at 580 nm, and Cy5 
fluorescence excited at 633 nm and measured emission at 670 nm. 
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In most genomic regions only small clusters of modified bases can be found, 
therefore it is interesting to observe that even a low abundance of modified 
bases can cause a change in DNA affinity for the histone, which suggests that 
naturally occurring levels of modifications may be enough to participate in 
directing nucleosome positioning and regulating downstream processes.  
3.2.9 Effect of DNA Modifications on Nucleosome Stability 
After demonstrating that the C modifications can influence nucleosome 
formation, the relative stability of different xC-modified nucleosomes 
compared to the unmodified counterparts was evaluated by measuring the 
relative affinities of histone-DNA interactions in nucleosome in terms of free 
energy change. The experimental setup followed a design by Thåström et 
al..302 Fluorescently labelled tracer DNA containing the DNA modifications of 
interest competed with a large excess of unlabelled competitor DNA to form 
nucleosomes with a limited amount of histone (Figure 3-20). The reaction was 
set up at 2 M NaCl, sufficient to shield all DNA-histone interactions to ensure 
robust competition.302, 328 The shielding effect of high salt concentration was 
gradually decreased through dialysis until the final salt concentration reached 
0.25 M (Figure 3-21). 
 
Figure 3-20. The experimental set up for salt dialysis method to measure the nucleosome 
stability. 
The reaction mixture was resolved by native gel electrophoresis and the 
nucleosome and free DNA fraction of the tracer DNA was quantified and used 




Figure 3-21. Schematic illustration of the salt dialysis experiment setup. 
The reactions were set up from the same master mix containing everything 
but tracer DNA to ensure a fair competition. By normalizing the quantification 
results obtained for the unmodified control nucleosome measured in the same 
batch, the batch difference was also accounted for. Tracer DNA with Cy3 or 
Cy5 labelling at either 5’ end was used to confirm that the fluorescence 
labelling and its position did not have any effect on the stability.  
3.2.9.1 Calculation of Relative Stability of Nucleosome 
The relative nucleosome stability between modified and unmodified 
nucleosomes was calculated as follows: 
 
The equilibrium constant of the nucleosome assembly is defined as: 
       𝐾𝑒𝑞 =  [!"#$%&'&(%]
!"# [!!"#$%&]
 
As the volumes (V) were the same for nucleosome and DNA: 
𝐾𝑒𝑞 =  !"#$%&'&(%  ∙ !
!"#  ∙ ! [!!"#$%&]
  = !"#$%&'&(% !"#$%&
!"# !"#$%& ∙ [!!"#$%&]
 
The Gibbs free energy can be calculated for the equilibrium as: 
ΔG =  −RTlnKeq =  −RTln
𝑛𝑢𝑐𝑙𝑒𝑜𝑠𝑜𝑚𝑒 𝑎𝑚𝑜𝑢𝑛𝑡












To simplify the equation, K’ was defined as  
𝐾! =  
𝑛𝑢𝑐𝑙𝑒𝑜𝑠𝑜𝑚𝑒 𝑎𝑚𝑜𝑢𝑛𝑡
𝐷𝑁𝐴 𝑎𝑚𝑜𝑢𝑛𝑡  
The relative stability (ΔΔG) of the modified tracer DNA compared to the 
unmodified tracer DNA is  
ΔΔG = ΔG xC − ΔG C
= −𝑅𝑇𝑙𝑛K! xC  −  RTln
1
𝑥𝐶 ℎ𝑖𝑠𝑡𝑜𝑛𝑒
− −𝑅𝑇𝑙𝑛K! C − RTln
1
𝐶 ℎ𝑖𝑠𝑡𝑜𝑛𝑒





𝐶 ℎ𝑖𝑠𝑡𝑜𝑛𝑒 ) 
Since the competitor DNA was present in large excess compared to the tracer 
DNA (molar ratio 36.15:1), and the experiments from the same batch were set 
up from the same master mix, the final histone concentration in different 
nucleosome reactions were equal, and the equation was simplified to be: 




R = gas constant = 1.987 x 10-3 kcal·mole-1K-1 
T = 4°C = 277.15 K 
The ΔΔG calculation was further simplified to (with unit of kcal/mole): 
ΔΔG =  −0.55𝑙𝑛
𝐾′(𝑥𝐶)
𝐾′(𝐶)  
For K’ calculation, the DNA amount and nucleosome amount was quantified 
by the fluorescence intensity of the labelling. Since each DNA strand was 
labelled with one fluorescent labelling, the intensity of fluorescence linearly 
relates to the number of strands of DNA.  
3.2.9.2 Nucleosome Stability Measurement 
As shown in Figure 3-22, the negative ΔΔG value revealed that the 
nucleosomes containing low- and high-density mC, hmC and fC modifications 
were all more stable than unmodified nucleosomes with the exception of 
100%mC. In the C modifications, fC is the most stabilizing modification. 1%fC-
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modified nucleosome is 0.164 kcal/mole more stable than the unmodified 
Widom nucleosome (Wilcoxon Signed Rank Test p value = 0.0005). Our 
observation on the relative stability of low-density fC-Widom DNA is 
consistent with previous reports that two copies of fC modifications within the 
Widom sequence were sufficient to increase the nucleosome mechanical 
stability.111 Within each C modification, the 100% modified nucleosome is 
always slightly less stable than the 1% modified counterpart (unpaired t-test 
with Welch’s correction: p value = 0.7553, 0.6951 and 0.0217 for mC, hmC 
and fC, respectively). Similar to fC, fU modified nucleosome has 
demonstrated high stability compared to unmodified nucleosome (-1.123 
kcal/mole). 
  
Figure 3-22. Nucleosome stability measurement with salt dialysis: ΔΔG value (kcal/mole) 
compared against the unmodified counterpart, quantified from native gel electrophoresis 
experiments (ordinary one-way ANOVA test p value < 0.0001). 
mC-, hmC-, fC- and fU-Widom nucleosomes exhibit ΔΔG values that 
progressively increase in magnitude. This corresponds to a lower nucleosome 
stabilizing and occupancy-promoting effect for mC and hmC as compared to 
fC and fU. This is consistent with the observation for nucleosome assembly 
with biological assisting factors and PGA, where mC, hmC, fC and fU 
modifications increased the nucleosome occupancy in an increasing order. 
The stabilizing effect of hmC could be explained by both increased DNA 




















































CH2OH group being a H-bond donor. These results on the increase of 
nucleosome stability by hmC modifications measured by salt dialysis align 
with Mendonca et al.309 With mC, although the rigidity of DNA has been 
shown to increase with mC modifications, the –CH3 groups could contribute to 
base-stacking interactions, resulting in the comparable nucleosome stability of 
mC-nucleosome with the unmodified counterpart.  
 
This nucleosome stability study assembled nucleosomes with NaCl as the 
chaperone, and fC continued to demonstrate a promoting effect. Together 
with the promoting effect of fC observed with PGA-assisted nucleosome 
assembly, it can be concluded that fC indeed increases both nucleosome 
occupancy and stability through the influence of fC. The increased stability 
could possibly be explained by the increased DNA flexibility induced by fC 
modifications111, the covalent Schiff base formation, and non-covalent 
interactions with the –CHO group of fC functioning as a hydrogen bond 
acceptor.  
3.2.10  Positional Preference of fC within the Nucleosome 
(NGS data bioinformatics analyses were undertaken by Dr Sergio Martinez 
Cuesta, University of Cambridge) 
 
Previous experiments have demonstrated that fC has a positive effect on 
nucleosome occupancy and stability by influencing the intrinsic biochemical 
and biophysical properties of nucleosomes regardless of the density. I 
proceeded to study whether there is a positional preference for fC in the 
nucleosome by SELEX type experiments coupled with single base resolution 
reduced bisulfite sequencing (redBS-seq, explained in Section 3.2.11.2)329. 
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Figure 3-23. Work flow for selecting DNA with highest affinity towards histones from a pool of 
DNA containing different fC modification densities. 
Widom DNA sequences modified with fC at eight different densities between 
0% and 100% were prepared by PCR (as detailed in Section 3.2.8.1) and 
mixed (Figure 3-23). The DNA mixture was denatured and annealed to create 
a greater modification density variation than in dsDNA. The DNA mixture 
obtained was combined with a limited amount of histone proteins to select the 
top 10% modified Widom DNA sequences exhibiting the highest affinity 
towards histones. The optimization process for nucleosomal DNA separation 
and recovery was detailed in Appendix Section 6.4, and the optimized 
workflow is summarized in Figure 3-24.  
 
The nucleosome band was excised and subjected to redBS-seq profiling 
(detailed in Section 3.2.11.2).186, 329 The fC positions in the highest affinity 
DNA sequences were identified by aligning the resultant sequencing data to 
the Widom sequence. The average density of fC at each position was then 
calculated, and the density ratio between nucleosomal DNA and control DNA 
was plotted against DNA positions to highlight the preferred positions of fC. A 
ratio higher than one indicates that fC was enriched at this particular position 
during the competitive nucleosome assembly.  
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Figure 3-24. Nucleosomal DNA separation with 10% TBE gel and workflow to profile fC 
positions in the nucleosomal DNA recovered.  
3.2.10.1 Profiling Preferred fC Positions in Nucleosomal DNA 
As shown in Figure 3-25a, fC was evenly enriched (1.15 < ratio < 1.32) in both 
forward and reverse strands at all modifiable positions compared to the 
untreated DNA, and slightly more enriched (ratio > 1.33) in positions 94, 99-
102 and 114 in the reverse strand. 
 
The spatial relationship between the fC positions identified and the histone 
core (Figure 3-25b and c) was analysed in association with a previously 
reported high-resolution structure of unmodified Widom nucleosome (3LZ051) 
under the assumption that the fC modifications do not alter the relative 
rotational and translational positioning of nucleosomal DNA significantly. This 
assumption was based on the strong positioning ability of Widom DNA to 
generate a single nucleosome conformation51. 
 
fC was enriched at all possible positions compared to the control DNA, 
therefore there is no distinct preference towards groove positions or distance 
from the histone core. Positions that were slightly more enriched are located 
near the H2B (position 114), H3 (position 99-102) and H4 (position 94 and 99-
102) subunits, indicating possible enhanced interactions with these two 
subunits. However, considering the pseudo-2-fold symmetry of the 
nucleosome structure, and that the corresponding positions (positions around 
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56 to 74) were not more enriched, suggesting the sequence context also 
played a role in the slight enrichment. Position 94 and 114 are in major groove 
positions while position 99-102 are in minor groove positions. Position 94, 99, 
100 and 114 are in positions close to histone core, while position 101 and 102 
are in positions far away from histone core. Therefore the more enriched fC 
positions have a slight preference towards minor groove positions (4 vs. 2 
major groove positions) and positions close to histone (4 vs. 2 far positions). 
  
Figure 3-25. Results of enriched fC population density ratio between nucleosomal DNA and 
free DNA in C/fC competition experiments. The fC was identified by C readings in redBS 
experiments. (a) The two vertical lines mark the primer regions, where all Cs in the forward 
strand (magenta 5’ to 3’) on the left, and all Cs in the reverse strands (blue 3’ to 5’) on the 
right are not modifiable. Dots with a value higher than 1 indicate positions that fC are 
favoured in nucleosomal DNA, while value lower than 1 indicate positions that fC are 
deselected in nucleosomal DNA. All points are shown between the two primer regions, but 
some points are omitted for the two primer regions. (b) Top view (c) bottom view of the 
enriched fC positions compared to the control DNA, highlighted by red (1.15 < ratio < 1.32) 
and blue (ratio > 1.33) spheres. The nucleosome structure was drawn with 3LZ051 with 
PyMOL330. 
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The general enrichment of fC aligns with the promoting and stabilizing effects 
on the nucleosome observed in previous sections. Therefore the positive 
effect of fC on nucleosome occupancy/stability does not depend on the 
position of fC significantly, except the slight preference towards positions in 
minor groove and close to histone core in Widom sequence context.  
3.2.11 Positional Preference of xC within the Nucleosome 
(NGS data bioinformatics analyses were undertaken by Dr Sergio Martinez 
Cuesta) 
So far the effects of different DNA modifications on the biophysical properties 
of the nucleosome have been investigated separately. In the genome, 
however, the distribution of C derivatives may overlap in certain regulatory 
regions.164, 165, 186, 327 For example, hmC and fC can both be found in active 
enhancer regions, raising the question of how the presence of different DNA 
modifications within the same nucleosome will impact the nucleosome 
formation. To address this, a SELEX type approach similar to the one 
described in Section 3.2.10 was used to investigate the positional preference 
of xC (x = m, hm and f) within the nucleosome. 
 
Widom DNA with randomly incorporated C, mC, hmC and fC was prepared by 
PCR using a pool of 2’-deoxycytidine-5’-triphosphate (dCtp), 5-methyl-2’-
deoxycytidine-5’-triphosphate (mdCtp), 5-hydroxymethyl-2’-deoxycytidine-5’-
triphosphate (hmdCtp) and 5-formyl-2’-deoxycytidine-5’-triphosphate (fdCtp) 
as shown in Figure 3-26. The resulting DNA mixture was subsequently used 
in a competitive nucleosome reconstitution assay, where the DNA was 
present in large excess compared to histone proteins to select for DNA 
modification patterns exhibiting the highest affinity towards histone. The 
positions of each xC modification in the nucleosomal DNA was profiled and 
analysed in combination with the high-resolution nucleosome structure51. 
3.2.11.1 Relationship between PCR Input and Incorporation in 
Mixed xC context 
Since the incorporation rate between the different xdCtp varies, we first 
investigated the input/incorporation ratio relationship with a pool of varying 
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ratios of dCtp, mdCtp, hmdCtp and fdCtp by PCR followed by liquid 
chromatography mass spectrometry (LC-MS), similar to the method described 
in Section 3.2.8.1. In this way, a calibration line between xdCtp input and 
incorporation was built for mixed xC-DNA (Figure 3-26). Since the 
incorporation of each C derivative was observed to be influenced by the input 
percentage of other xCs, the PCR conditions were further screened around 
the value predicted by the calibration line. The PCR condition was finalized to 
be 30 mM dCtp, 17.2 mM mdCtp, 124 mM hmdCtp and 28.8 mM fdCtp input 
to give the 20% final incorporation rate for mC, hmC and fC, which 
corresponds to around 16.5 of each modified C in Widom DNA. It is 
noteworthy that the hmdCtp showed a very low incorporation rate compared 
to other xCs, thus high hmdCtp input was needed in order to achieve the 
same incorporation rate with other C derivatives. 
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Figure 3-26. DNA with mixed xC random modifications generated by PCR and quantified by 
LC-MS: the work flow, calibration line between xdCtp input and incorporation, and LC-MS 
spectra of digested fully modified Widom DNA with single modified C (row 1-4: fully 
C/mC/hmC/fC modified Widom DNA, respectively) and mixed modified C-Widom DNA with 
20% incorporation rate of each modified C (row 5). Peak positions in the LC condition used: C 
5.2 min, hmC 6.1 min, mC 11.1 min, G 12.0 min, fC 12.8 min, T 13.0 min, digestion buffer 
13.7 min, A 14.9 min. In the PCR reaction, the pink primer regions do not have any 
modification. 
3.2.11.2 Methods to Identify xC Positions in Nucleosomal DNA 
The golden standards for profiling C derivatives at single base resolution are 
bisulfite sequencing (BS-seq), its oxidative derivative, oxidative bisulfite 
sequencing (oxBS-seq), and its reductive derivative, redBS-seq.329 BS 
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treatment causes the deamination of C, fC and caC that upon sequencing 
leads to a C to T change (conversion pattern summarized in Table 3-2, 
reactions summarized in Figure 6-6). Since C and fC both deaminate upon BS 
treatment they are not distinguishable. Similarly, mC and hmC are not 
distinguishable in BS-seq as neither deaminate upon BS treatment. 
Consequently two different sequencing method based on BS-seq have been 
developed. By oxidizing hmC to fC in oxBS-seq and comparing the results 
with BS-seq, hmC can be distinguished from mC. By reducing fC to hmC in 
redBS-seq and comparing the results with BS-seq, fC can be identified from C. 
caC cannot be distinguished from C with the combination of BS/oxBS/redBS-
seq and is therefore excluded from this study.  
 
Table 3-2. The reaction and response of different modified bases to BS/oxBS/redBS 
treatment. CMS stands for cytosine-5-methylsulfonate. To aid interpretation, the red blocks 
highlight the modifications that give a C reading after treatment, and the yellow blocks 
highlight the modifications that give a T reading after treatment. 
It is noteworthy that although oxBS-seq and redBS-seq enable the single 
base resolution of hmC and fC sites, they can only provide information on the 
position as a population average rather than at the single DNA molecule level 
because their identification needs comparison between two datasets. 
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3.2.11.3 Profiling Preferred xC Positions in Nucleosomal DNA 
To select the top 10% of modified Widom DNA sequences exhibiting the 
highest affinity towards histone, nucleosomes were assembled with randomly 
modified xC-Widom DNA, and the SELEX experiments were carried out as 
described in Section 3.2.10. The nucleosome band was excised and used for 
BS-, oxBS- and redBS-seq. The resulting sequencing data was aligned to the 
Widom sequence to determine the xC modification pattern of the high affinity 
DNA sequences. The positional preference of xCs identified was further 
analysed in combination with the high-resolution structure (3LZ051) to show 
the spatial relationship between the enriched positions and the histone, under 
the assumption that the xC modifications do not alter the relative rotational 
and translational positions of nucleosomal DNA significantly. Interesting 
distribution patterns emerged when comparing the relative distance and 
geometric positions between xCs and histone core. 
 
The analysis showed that mC was highly enriched in the reverse strand in all 
positions, weakly enriched in the forward strand between positions 23 to 62, 
and disfavoured in the remaining positions (Figure 3-27a). It became apparent 
that highly enriched mC positions (represented by yellow spheres) were 
mostly located at positions located furthest away from the histone core 
(examples highlighted by black arrows in Figure 3-28a), while the weakly 
enriched positions (represented by white spheres) occupied some positions 
near the histone core (examples highlighted by pink arrows in Figure 3-28b). 
The enriched mC was found more in the major groove positions (20 vs. 13 
minor groove positions for highly enriched mC, 7 vs. 6 minor groove positions 
for weakly enriched mC, entry and exit turn mC omitted due to high mobility). 
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Figure 3-27. Results of enriched xCs population density ratio between nucleosomal DNA and 
free DNA in xC competition experiments. The two vertical lines mark the primer regions, 
where all Cs in the forward strand (magenta 5’ to 3’) on the left, and all Cs in the reverse 
strands (blue 3’ to 5’) on the right are not modifiable. Dots with a value higher than 1 indicate 
positions that xCs are favoured in nucleosomal DNA, while value lower than 1 indicate 
positions that xCs are deselected in nucleosomal DNA. All points are shown between the two 
primer regions, but some points are omitted for the two primer regions. (a) Results of 
enriched mC population density ratio between nucleosomal DNA and free DNA in xC 
competition experiments. The mC was identified by C readings in oxBS results. (b) Results of 
enriched hmC population density ratio between nucleosomal DNA and free DNA in xC 
competition experiments. The hmC was identified by subtracting the C readings in oxBS 
reads from those in BS reads. (c) Results of enriched fC population density ratio between 
nucleosomal DNA and free DNA in xC competition experiments. The fC was identified by 
subtracting the C readings in BS reads from those in redBS reads.  
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Figure 3-28. Positions of enriched xC in nucleosomal DNA by xC competition experiments. 
The nucleosome structure was drawn with 3LZ051 with PyMOL330. (a) Top view of the 
enriched mC positions, examples of highly enriched mC positions (ratio > 2) are pointed out 
by black arrows. (b) Bottom view of the enriched mC positions, examples of weakly enriched 
mC positions (1 < ratio < 2) are pointed out by pink arrows. The enriched mC positions are 
highlighted by yellow (highly enriched) and white (weakly enriched) spheres. (c) Top view of 
the enriched hmC positions, examples of enriched hmC positions (ratio > 1) are pointed out 
by black arrows. (d) Side view of the enriched hmC positions to show that enriched hmC 
positions are mainly located in the first half of nucleosomal DNA. The enriched hmC positions 
are highlighted by purple spheres; (e) Top view of the enriched fC positions, examples of 
highly enriched fC positions (ratio > 1.18) are pointed out by black arrows. (f) Bottom view of 
the enriched fC positions, examples of weakly enriched fC positions (1 < ratio < 1.05) are 
pointed out by pink arrows. The enriched fC positions are highlighted by red (highly enriched) 
and maroon (weakly enriched) spheres.  
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The data showed that hmC was generally disfavoured in the forward strand, 
while enriched in the first half of the reverse strands between positions 4 to 83 
(Figure 3-27b). The enriched hmC positions are favoured in major groove 
positions (15 vs. 5 for minor groove positions, entry turn hmC omitted), and 
located near the groove alternation points from the perspective of histone 
(examples highlighted by the black arrow in Figure 3-28c), occupying 
positions closer than highly enriched mC positions from histone core. It is also 
quite interesting to observe hmC enriched only in the first half of nucleosomal 
DNA (Figure 3-28d), which may be an indication of a preference for DNA 
sequence context but not histone subunits because of the pseudo-2-fold 
symmetry of the nucleosome particle.  
 
fC was disfavoured in the reverse strand of Widom DNA, while weakly 
enriched in the first half of the forward strand between positions 36 to 53, and 
strongly enriched in the second half of the forward strand between positions 
56 to 140 (Figure 3-27c). The highly enriched fC positions (represented by red 
spheres) were mostly immediately next to the histone core (Figure 3-28e, 
examples highlighted by black arrows), while the weakly enriched positions 
(represented by maroon spheres) were located further away from histone core 
than the highly enriched positions (Figure 3-28f, examples highlighted by pink 
arrows). The highly enriched fC, reverse to mC and hmC, was found more in 
the minor groove positions (14 vs. 10 for major groove positions, exit turn fC 
omitted). The trend observed here agrees with what was observed for the 
slightly enriched fC positions in Section 3.2.10.1. 
 
The relative distance between DNA modifications and the histone core may 
suggest the strength of interaction. fC seems to interact most strongly with the 
histone core, possibly through potential covalent Schiff base formation and 
non-covalent hydrogen bonding interactions. hmC seems to interact with 
histone cores less strongly than fC as it occupies positions further from 
histone core. The mC mainly occupied the positions that are furthest away 
from the histone core, therefore the interactions between mC and histone core 
are likely to be the weakest of all three C derivatives investigated. The relative 
distances between enriched positions of xC from histone cores also agree 
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with the order of nucleosome occupancy and measured stability. All xCs were 
enriched in selective positions in nucleosomal DNA, aligning with our previous 
observation that all three C derivatives promote nucleosome formation to 
different extent.  
 
The positions of enriched mC located preferentially in the major groove rather 
than minor groove agrees with previously reported FRET experimental 
observations and by computation305, 306, but conflicted with observations by 
Collings et al. and Chodavarapu et al.294, 308. This may suggest that rather 
than groove type, mC influences the nucleosome occupancy and stability 
through the relative distance to histone, considering the clear strand 
preference combined with the CpG modification pattern of Widom DNA. The 
mCs in the forward strand in the CpG dinucleotide basepairs were not as 
enriched as the mC in the reverse strand even through they reside in the 
same type of major groove, suggesting that it is really the distance of the base 
modification from the histone core that governs the selection.  
 
Using the current method, with mixed C derivatives present, hmC and fC can 
only be determined on an averaged population level, thus the modification 
pattern of different C derivatives is missed in the same strand of DNA. In 
addition, there is no way of relating the forward and reverse strand of the 
same duplex DNA with the current method, thus the modification pattern of 
duplex DNA cannot be correlated using this method. Introducing randomized 
indexing enables identification of both stands of dsDNA, and allows 
differentiation of the signals from dsDNA with the same modification pattern 
from that from PCR replicates.331 In addition, newly emerged sequencing 
technologies such as small molecule real time (SMRT) sequencing 
(PacBio)332 and Nanopore sequencing (Oxford)333 may one day enable 
profiling all xC in the dsDNA simultaneously without destroying the strands.  
3.2.12 Covalent Interaction between fC/fU and histone proteins  
(Condition optimization for reduction capture and PolStop Assay were 
completed by Dr Robyn Hardisty, University of Cambridge, and the NGS data 
bioinformatics analyses were undertaken by Dr Sergio Martinez Cuesta) 
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The aldehyde group of fC can potentially react with the primary amines in 
histone tails (such as the ε-NH2 group of lysine residues and the α-NH2 group 
of N-terminal amino acids) to form Schiff base (imine, Figure 3-29), providing 
a very interesting chemical mechanism for promoting nucleosome formation 
and stability, and further directing nucleosome positioning in genomic DNA. 
We set out to explore whether Schiff bases can form, and if so, in what 
positions fC modifications are more likely to form such interactions. In addition, 
our group has previously shown that the –CHO group of fU is more reactive 
than that of fC325, therefore the Schiff base formation ability of fU was also 
investigated. 
3.2.12.1 Proteomics to Identify the Cross-linked Histone Subunits 
As the Schiff base formation is highly reversible by hydrolysis, the C=N bond 
formed was captured by reduction to CH-NH with sodium cyanoborohydride 
(NaCNBH3), which cannot be hydrolysed as easily. The captured Schiff base 
was characterized by denaturing gel electrophoresis, which eliminates all non-
covalent interactions. 
 
Figure 3-29. Proposed Schiff Base formation between lysine from histone and fC from DNA, 
and capture by reduction with 100 mM NaCNBH3 incubated at 37°C overnight. The captured 
histone subunit was identified by proteomics of the excised upshift band in denaturing gel; 
and the captured fC was identified by PolStop assay and NGS. 
The molecular weight (MW) of ssDNA is around 46 kDa for fC- and fU-Widom 
DNA, whereas single histone subunits range between 11.3 and 15.3 kDa 
(average 13.6 kDa). Upon reduction, we observed an upshift band in fC lanes 
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migrated between the 50 and 70 kDa markers that are not present in C- and 
caC-Widom DNA lanes, corresponding to the molecular weight of ssDNA+one 
histone subunit (~59.6 kDa, Figure 3-30). Fainter higher upshift bands were 
also observed with a molecular weight corresponding to ssDNA cross-linked 
to multiple histone subunits.  
 
The band corresponding to the ssDNA+one histone subunit from the fC lane 
was excised and analysed by proteomics. All four histone subunits could be 
identified by mass spectrometry, indicating that Schiff base was formed within 
the nucleosome context. However, H2A only showed a very low number of 
reads compared to other subunits. This could stem from the fact that fewer fC 
modifications are present near H2A because both copies of H2A subunit in 
nucleosome particle locate close to the unmodified primer regions of the 
nucleosomal DNA on both 5’ ends. Expectedly, no histone proteins were 
identified from the same migration position for the C lanes. At the time of our 
analysis, two papers were published reporting the existence of Schiff bases 
between fC and lysine in in vitro reconstituted nucleosomes334 and also in 
human embryonic kidney cells335, detected by denaturing gel electrophoresis 
and nanoLC-MS.  
 
Figure 3-30. The schematic illustration of capturing Schiff base formation between fC- and fU-
Widom DNA and histone proteins in nucleosome context with SDS denaturing protein gel, 
and identifying the cross-linked histone subunits by proteomics with the upshift gel band. Two 
replicates were shown for C, fC and fU, and one was shown for caC. The DNA was labelled 
with Cy3 and Cy5 fluorophores and stained with GelRed to compensate for the fluorophores 
damage during reduction, and this gel was imaged with both Cy3 channel (to identify the 
position of other ladders, result not shown) and Cy5 channel (shown in this figure). 
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In contrast, the fU lanes only showed two well-defined bands with a molecular 
weight slightly above and below 225 kDa, without any free DNA bands 
present between the 40 and 50 kDa markers. As the molecular weight of the 
fU-nucleosome is 202 kDa, the lower band likely corresponds to the densely 
cross-linked nucleosome, suggesting that even the harsh denaturing 
conditions used did not separate the two ssDNA and eight histone subunits. 
The molecular weight of the upper band suggests that this could be the cross-
linked product of nucleosome+NAP-1(56 kDa), as experiments with model fU-
DNA did show cross-linking ability with non-close interacting proteins in the 
buffer. The cross-linked product is less likely to be nucleosome + either ACF 
subunit, as the molecular weight of Acf1 and ISWI are 185 and 140 kDa 
respectively. Proteomic analysis was performed to identify the two bands, 
however possibly due to the high degree of cross-linking between fU and 
histone subunits, no histone fragments were identified from the excised band.  
 
Figure 3-31. The reduction capture of Schiff base formed in fC- and fU-nucleosome with 0.1 
M NaCNBH3 at 37 °C incubation and subsequent disturbance of non-covalent bond with 2 M 
NaCl. C-nucleosome was used as the control. 
The existence of Schiff bases within the fU-nucleosome was further 
investigated with a salt-disturbance experiment (Figure 3-31). The 
nucleosomes were assembled and the resultant Schiff base was reduced. 
The non-covalent intramolecular interactions within the nucleosome were then 
disturbed with 2 M NaCl, enough to compete out ionic interactions between 
histones and DNA. Samples that were not reduced, with/without salt 
denaturation were prepared as controls. C- and fC-nucleosomes were also 
prepared as controls. The reaction mixtures were resolved by native gel 
electrophoresis, so that if the crosslinking observed by denaturing gel in 
Figure 3-30 happens between fU-DNA and histone subunits, the cross-linked 
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nucleosome would migrate to the same position as the native nucleosome 
control.  
 
As shown in Figure 3-31, compared with untreated nucleosomes, the 
nucleosome percentage dropped significantly for nucleosomes with NaCl only 
treatment, suggesting that the DNA-histone interactions were mostly 
diminished without reduction capture. With reduction, the nucleosomes 
migrated to the same position as the untreated controls, suggesting that the 
cross-linking likely happened between DNA and histone, rather than with 
other proteins in the solution. 
 
The ratio of nucleosome occupancy with and without reduction was used to 
gauge the extent of the covalent Schiff base bond formation. With reduction, 
the nucleosome percentages compared to the non-reduced samples were 
increased for both fC and fU, but not for C. The normalized Nuc% 
percentages of samples with NaCl treatment without vs. with reduction 
compared to the respective nucleosome percentages of untreated samples 
are as follows: 8.5% vs. 6.7% for C (p value 0.1606, paired t-test); 23.5% 
vs.33.0% for fC (p value 0.5825); and 9.8% vs. 78.8% for fU (p value 0.0020). 
The increase in nucleosome percentage of the reduced fU-nucleosome 
compared to the non-reduced sample suggests that the covalent Schiff base 
is responsible for maintaining DNA-histone interactions through salt 
disturbance. Combined with the denaturing gel results (Figure 3-30), it can be 
inferred that the Schiff bases occurred at multiple sites within the fU-
nucleosome to link the two ssDNA and eight histone subunits together. 
 
The nucleosome percentage is only slightly increased in the fC-nucleosome 
with reduction capture, showing that the Schiff base indeed anchors fC-DNA 
onto the histone, but most nucleosomes were still dissociated, likely because 
the fC-Schiff base is highly reversible and occurs with low probability as 
shown by the denaturing gel (Figure 3-30). In addition, the reduction capture 
was done for only two hours rather than overnight, and therefore small 
amount of Schiff bases were captured, in contrast with fU-nucleosome. This 
again demonstrated that the –CHO group of fU is more reactive than that of 
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fC, agreeing with previously literature325. In addition, this result aligns with the 
previous observation that fU-nucleosome is more stable than fC-nucleosome 
(-1.123 kcal/mole and -0.164 kcal/mole, respectively, unpaired t-test with 
Welch’s correction: p value = 0.0019). 
 
The observation of Schiff base formation in this experiment suggests a 
possible mechanism for directing and locking the nucleosome positioning 
even with a single copy of fC or fU modification. As the biological function and 
genomic distribution of fU is not yet clear, the fC study was initially prioritized. 
Considering the high density of fC modification used (70/147 bp) and the 
number of primary amines (lysine residues and N-terminal amino acids) in 
eight histone subunits, and that the band intensity for ssDNA+1 histone 
subunit was much more intense than that for ssDNA+multiple histone 
subunits, it is fair to deduce that the majority of the cross-linking happened 
only between one fC and one primary amine residue in each nucleosome 
under the conditions used. As the Schiff base forms at various positions within 
a nucleosome, it is pertinent to identify the preferred fC positions for the Schiff 
base formation, to understand its effect on directing nucleosome positioning. 
3.2.12.2 PolStop Assay to Identify the Cross-linked fC Positions 
The fC-histone positions were identified through a Polymerase Stop (PolStop) 
Assay coupled with NGS as illustrated in Figure 3-32. After Schiff base 
formation and trapping the Schiff base by reduction, the histone subunit was 
irreversibly covalently linked to the DNA. During the primer extension, the bulk 
size of the cross-linked histone subunit stalled the procession of polymerase 
before or at the cross-linked sites and resulted in short DNA fragments. The 
elongation phase of the primer extension experiment was restricted to five 
minutes to reduce polymerase bypass caused by long incubation. In order to 
account for the naturally existing polymerase-stalling events, the free fC-
Widom DNA was used as a no-reduction control. 
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Figure 3-32. Schematic illustration of PolStop Assay and NGS to identify the positions of fC 
that preferentially form Schiff bases. 
The number of reads of polymerase stalling at each position was counted for 
both the reduction capture sample and the no-reduction control (adjusted to 
the library size), and the ratio of the two numbers represents the true stalling 
events at each position:  
𝐹𝑜𝑙𝑑 𝑐ℎ𝑎𝑛𝑔𝑒 (𝑝𝑜𝑠𝑖𝑡𝑖𝑜𝑛 𝑥) =
𝑟𝑒𝑎𝑑𝑠 𝑠𝑡𝑎𝑙𝑙𝑒𝑑 𝑎𝑡 𝑥 (𝑟𝑒𝑑𝑢𝑐𝑡𝑖𝑜𝑛 𝑐𝑎𝑝𝑡𝑢𝑟𝑒)
𝑟𝑒𝑎𝑑𝑠 𝑠𝑡𝑎𝑙𝑙𝑒𝑑 𝑎𝑡 𝑥 (𝑛𝑜 𝑟𝑒𝑑𝑢𝑐𝑡𝑖𝑜𝑛 𝑐𝑜𝑛𝑡𝑟𝑜𝑙) 
A higher ratio of fold change indicates a higher frequency of stalling at this site, 
and thus more probable and stable Schiff base formation at this base position. 
The fold change results obtained from bioinformatics analysis (log2 value) 
were plotted against DNA positions as shown in Figure 3-33. As expected, the 
results indicated that the peak of stalling always locates at the exact fC 
positions or one to three bases before. The results demonstrated a clear 
pattern of ~11 bp periodicity of Schiff base formation.  
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Figure 3-33. Log2 fold change ratio between the numbers of reads stalled at each DNA 
position identified from the reduction capture nucleosome sample and that from the no-
reduction control DNA sample, for forward strand (pink) and reverse strand (blue). 
The fC positions identified were further analysed in the context of the 
previously reported high-resolution structure of unmodified Widom 
nucleosome (3LZ051) under the assumption that the fC modifications do not 
alter the relative rotational and translational positioning of nucleosomal DNA 
significantly. From Figure 3-34 it is clear that almost all the fC positions (18/19) 
identified are located in the major groove positions of nucleosome, while the 
number of fC positions close to or far away to histone are about the same (9 
vs. 10).  
 
Figure 3-34. The fC positions (highlighted by red spheres) identified by PolStop Assay are 
mostly located in the major groove positions (top view). The nucleosome structure was drawn 
with 3LZ051 with PyMOL330. 
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3.2.12.3 Significance of fC-lysine Schiff base formation 
Needing only a few copies of fC, the Schiff base can restrict the DNA mobility 
and increase the local concentration of DNA. In this way the equilibrium shifts 
towards the nucleosome and the nucleosome occupancy and stability are 
thus increased, and may further direct nucleosome positioning in genomic 
DNA. The detection of Schiff bases in vivo298, 335 may suggests that Schiff 
base formation plays a part in the regulation of cellular processes.  
 
The DNA-protein covalent interactions naturally raise questions about the 
possible hindrance to biological processes such as DNA replication and 
transcription. Recently Ji et al. reported that when the fC-H2A/fC-H4 Schiff 
base is positioned at the beginning of replication (i.e. the exact binding site of 
DNA polymerase), the kinetics of polymerases are severely reduced, with an 
increase in C to T mutations and deletions at the position opposite to the fC-
Schiff base.336 However, in a cellular environment the Schiff bases are not 
reduced and therefore highly reversible. In our PolStop Assay setup we 
observed that with long incubation time (30 minutes) at the primer extension 
step, the polymerase eventually passed through the reduced cross-linked 
DNA-histone position and resulted in minimal stalling. Therefore, our results 
suggested that as long as the Schiff base is away from the exact 
replication/transcription initiation base pair, even with the DNA-protein 
covalent linkage, the genetic information should be available for readout when 
needed, albeit at a potentially slower rate, rather than causing catastrophic 
results.  
 
Since Schiff bases can be formed between fC and lysines, considering the 
plethora of reports on lysine modifications/mutations337, 338 implicated in 
cellular activities339, 340 and even disease states341, such as cancer338 and 
developmental disorders342, 343, the Schiff base may play a role in these 
observations and is worth further investigation.  
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3.3 Incorporating Desired C Modifications at Designated 
Positions 
(NGS data bioinformatics analyses were undertaken by Dr Sergio Martinez 
Cuesta, University of Cambridge) 
 
In the studies using fully modified DNA and randomly modified low-density 
DNA modifications in previous sections, the results obtained on nucleosome 
occupancy and stability represented a combined effect from modifications at 
different positions. In addition, the base positions identified in the positional 
preference study (Section 3.2.11) and Schiff-base formation study (Section 
3.2.12) need to be interrogated separately to confirm the positional 
preferences observed on a population level. Therefore a simple, quick and 
reliable method for incorporating DNA modifications at designated positions is 
required. 
3.3.1 Existing Methods for Producing xC Modified DNA  
Several methods have been traditionally used to introduce xC modifications 
into DNA strands, including solid phase synthesis, enzymatic modification and 
polymerase incorporation. The advantages and disadvantages of these 
methods are explained as follows. 
3.3.1.1 Solid phase synthesis 
Solid phase synthesis uses phosphoramidite chemistry to synthesize ssDNA 
from the 3’ to 5’ end nucleotide by nucleotide in a stepwise fashion going 
through cycles of coupling, oxidation and detritylation steps (Figure 3-35)235. 
Therefore, there is neither limitation of sequence context nor ambiguity 
regarding the position of the modified bases. In addition, as long as the 
phosphoramidite for the target modification can be synthesized and protected 
throughout the synthesis and purification procedures, there is virtually no 
limitation on the types of modification for incorporation. However, this method 
has drawbacks such as yield and product length restriction, and the 
preparation can be both costly and time consuming. 
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Figure 3-35. The schematic illustration for phosphoramidite chemistry for solid phase DNA 
synthesis. DMT group stands for 4,4’-dimethoxytrityl group, B stands for protected base, CPG 
stands for controlled-pore glass. The reaction condition was taken from 344. 
As the DNA is synthesized in a stepwise manner, the final product yield 
depends exponentially on the coupling yield as a function of the product 
length. For example, to synthesize a 100-nucleotide (nt) ssDNA with a 90% 
coupling efficiency for each step, the overall yield is merely 0.0027%. Even 
with a high 99% coupling efficiency for each synthesis cycle, the yield for a 
200-nt product synthesis is only 13%. Therefore manufacturers commonly 
restrict the ssDNA synthesis to 150- or 200-nt to ensure a sufficient yield.  
 
In addition, after solid-phase synthesis, the DNA needs to be cleaved from the 
solid support and deprotected using heated liquid ammonia, which can be 
harsh for some DNA modifications. As the modified phosphoramidites need to 
be specially prepared345-349, and they may be incompatible with standard 
conditions for DNA synthesis and purification, the long ssDNA preparation 
with DNA modifications can be very expensive. 
 
To circumvent the yield and cost issue with long modified DNA preparation, Li 
et al334 used an elegant method reminiscent of DNA origami350. Short 
fragments of DNA are directed in the correct order and in close proximity by 
partially complementary scaffold DNA; a DNA ligase was used to stitch 
neighbouring short fragment DNA strands together into a single piece of long 
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ssDNA. In this way, DNA modifications are free to be placed at desired 
positions within a short DNA prepared by solid phase synthesis, and all DNA 
fragments can be prepared in high yield at lower cost. However, since this 
involves annealing multiple fragments together in one pot, the molecular ratio 
needs to be meticulously controlled. Imprecise input of any fragments will lead 
to incomplete products requiring further separation. 
3.3.1.2 Introducing DNA Modifications via Enzymatic Modification  
Various modifying enzymes have been developed to introduce DNA 
modifications in vitro. For example, DNA methylation at CpG sites can be 
achieved by CpG methyltransferase M.SssI351, and further oxidation of mC to 
hmC, fC and caC can be achieved by TET100-104.  
 
However, introducing DNA modifications via enzymatic reactions can be 
difficult to reach completion. Additionally, it is difficult to halt the stepwise 
oxidation of TET with high efficiency, to obtain pure hmC- or fC-modified DNA, 
for example. The positions of modifications are also quite dependent on the 
enzyme specificity and sequence context biases. If there are multiple suitable 
substrate positions, it is difficult to control the sequence context of the site of 
modification. The types of DNA modifications possible are also limited to the 
capability of currently available modification enzymes.  
3.3.1.3 Introducing DNA Modifications via Polymerase 
DNA modifications can also be incorporated into the DNA strand using 
modified nucleotide triphosphates during PCR or primer extension. This 
method can be comparatively cheap and fast as long as the modified 
nucleotide triphosphate can be generated and is compatible with the 
experimental conditions for strand elongation. Therefore, the DNA used for 
the nucleosome occupancy and stability study was prepared using this 
method. However, the exact positions of incorporation cannot be controlled 
easily except in the preparation of fully modified dsDNA strands (excluding 
primer regions) in which all canonical Cs are replaced by modified Cs (Figure 
3-2). While it is possible to control the global proportion of base modifications 
in this approach by fixing the xdCtp to dCtp ratio (as detailed in Section 
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3.2.8.1), it is not possible to selectively incorporate a base modification in a 
specific sequence context in the presence of the canonical base. 
 
Considering the disadvantages in cost, product purity and modification 
position ambiguity, these methods are not satisfactory for the systematic 
studies of various nucleosomal DNA positions identified in previous sections. 
Therefore, it is imperative to design a method to incorporate modified 
nucleotides at designated positions with a fast and simple procedure that 
achieves a high yield. 
3.3.2 Design and Optimization of a Gap Filling-Ligation Method 
The inspiration for such a method arose from the development of a molecular 
inversion probe (also known figuratively as the padlock probe) used for 
sequencing single nucleotide polymorphism analysis or loci capture at 
selected regions.352, 353 Probes are designed to complement the flanking 
areas of genomic DNA of interest. Upon annealing, the complementary part 
anchors the probe to the correct genomic region, leaving a gap between the 
areas under investigation. Polymerase and dNtps are then added to fill in the 
gap, with the 3’ –OH of the probe ligated with the 5’ phosphate group. In this 
way, the genetic information from only the area of interest can be enriched 
and sequenced. 
 
Figure 3-36. Schematic for the 3-strand system for the GL (gap-filling ligation) platform. 
This design inspired the development of a method for introducing a target 
modified nucleotide into DNA using polymerase extension over the gap at 
designated positions with a 3-strand system (Figure 3-36). The method design 
was initiated for the incorporation of C derivatives as the mC and oxidative 
derivatives are among the most abundant and biologically relevant DNA 
modifications as described in Chapter 1.  
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Figure 3-37. Schematic for the workflow for GL reaction using fC as an example (a) without 
biotin (b) with biotin. 
Strands 1, 2 and 3 were synthesized by solid-phase synthesis and the 5’ end 
of strand 3 is phosphorylated. Strand 1 (template strand) is annealed together 
with strands 2 and 3, leaving a 1-nt gap where the base modification is 
required (Figure 3-37a). A DNA polymerase is then used to fill the gap 
opposite to G with xdCtp. DNA ligase then covalently links the 3’-OH of the 
incorporated modified nucleotide with the 5’ phosphate group of strand 3 to 
form a phosphodiester bond. The resultant DNA can be purified from 
unreacted fragments by separation by either polyacrylamide gel 
electrophoresis or on size exclusion/ion exchange columns. Alternatively, 
strand 2 can be biotinylated at the 5’ end (Figure 3-37b) to facilitate 
purification through streptavidin bead binding, where unreacted DNA strands 
can be removed by washing. However, biotinylation is not always possible if 
the 5’ end of strand 2 needs to be labelled with other modifications, such as 
Cy3 fluorescence labelling, therefore experimental conditions for both 
scenario were developed. 
 
This workflow was named as the Gap filling-Ligation (GL) method. Each step 
of the workflow was optimized as follows. 
3.3.2.1 Annealing Step Optimization 
The concentration of strands 1, 2 and 3 was carefully quantified by UV 
absorbance. In order to drive the equilibrium towards duplex DNA formation 
with three strands, strand 3 was added in slight excess. Strand 3 is a better 
choice than strands 1 and 2 because strand 1, when in excess, can form 
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incomplete annealing products, strand 1+2 or strand 1+3. These can be 
difficult to purify due to their similar length to the final product, and can create 
confusion for the efficiency evaluation detailed in Section 3.3.3. With strand 2 
in excess, the quantification of ligation efficiency will be skewed to a lower 
value (detailed in Section 3.3.3.3). Conversely, with strand 3 in excess, the 
only incomplete annealing product possible is strands 1+3, which do not 
influence the subsequent efficiency evaluation, and can be easily washed off 
streptavidin beads if strand 2 is biotinylated. Adding strand 3 in slight excess 
rather than strand 1 and biotinylated strand 2 is more economical since strand 
1 is invariably the longest sequence of all three strands, making it the most 
expensive to purchase, and strand 2 can be more expensive than strand 3 
due to the 5’ biotin modification. Therefore, the molar ratio of strands 1:2:3 = 
0.95:0.95:1.0 was used for annealing. 
3.3.2.2 Gap Filling Step Optimization 
Commercially available polymerases were selected for evaluation with the 
criteria that the polymerase cannot have 5’ to 3’ exonuclease activity and 
strand replacement activity, otherwise strand 3 is liable for degradation during 
reaction. In addition, polymerases with A-tailing ability were also avoided to 
minimize the alteration of DNA other than at the position of interest. 
 
Many commercially available enzymes satisfy these criteria, such as T4 
polymerase, Sulfolobus DNA Polymerase IV and Bst Large Fragment 
Polymerase. T4 polymerase was chosen as it can also function robustly at a 
12°C incubation temperature, the lowest working temperature amongst all the 
commercially available polymerases that satisfy the selection criteria. The low 
working temperature is favoured in order to reduce the possible strand 
displacement by partial dsDNA denaturation. 
 
The ability of T4 ligase to incorporate each DNA modifications was evaluated 
by separate primer extension experiments with a dNtp mixture containing 
dCtp, mdCtp, hmdCtp, fdCtp or 5-carboxy-2’-deoxycytidine-5’-triphosphate 
(cadCtp) as illustrated in Figure 3-38. After the primer extension experiments, 
all reaction mixtures produced DNA with the same migration as the control 
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DNA generated by PCR, while the control experiment without any dNtp input 
did not show any band near the target product, indicating the band observed 
in previous lanes are not the annealed product of template strand and primer 
before polymerase and ligation activity. Thus T4 polymerase is able to 
incorporate these modifications (Figure 3-38). 
 
Figure 3-38. (left) Schematic illustration for the primer extension experiment to demonstrate 
the ability of T4 polymerase to incorporate xdCtps. (right) Tapestation image showing that T4 
polymerase is able to incorporate various modified nucleotides in primer extension 
experiments. Control DNA was generated by PCR with 1% modification, and no dNtp control 
was generated by the control primer extension experiment without dNtp. 
3.3.2.3 Ligation Step Optimization 
As T4 polymerase does not incorporate ATP used in T4 ligase buffer 
(according to manufacturer testing), and the buffer conditions and incubation 
temperature for both enzymes are quite compatible, the GL reaction with non-
biotinylated strand 2 can be completed in a one-pot reaction with incubation at 
12°C to avoid an additional purification step and reduce hands-on time for 
preparation. However, since T4 polymerase has strong 3’ to 5’ exonuclease 
ability that was only suppressed by low temperature354, it is more sensible to 
remove the T4 polymerase as soon as possible to avoid DNA degradation 
and a subsequent drop in yield.  
 
Separation of T4 polymerase from DNA can easily be achieved using 
biotinylated strand 2 where, immediately after gap filling reaction, DNA 
anchored to magnetic streptavidin beads through a biotin label can be quickly 
separated from T4 polymerase by a magnet. The T4 ligase can then be added 
and incubated for a longer period to push the ligation to completion. 
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3.3.3 Method Validation with Short and Long DNA Sequences 
3.3.3.1 Validation with Short DNA Sequences 
The workflow was first validated using five short sequences (28-35 bp, Figure 
3-39 for the sequences near the gap position). Different sequence contexts 
flanking the gap were explored to examine the compatibility of the GL method 
with mC, hmC and fC incorporation. The annealing, gap filling and ligation 
steps were performed using the optimized conditions. 
 
Figure 3-39. Different base environments investigated for short sequences. The gap position 
is highlighted in red. The full sequences are listed in Table 5-2. 
The products obtained from GL treatment were resolved using LC-MS to 
confirm the DNA identity by elution time monitored with UV and mass by MS 
(Figure 3-40). It was observed that the elution time of the peak changed upon 
GL treatment compared to starting materials, suggesting the formation of a 
new product. By calling peaks with predicted mass values (MW for target 
product for set h is 10433.8, n=10 fragmentation peak mass for correct 
product is 1042.4, for mis-ligated product detailed in Section 3.3.3.3 is 1013.5), 
a prominent peak was detected with the correct product mass (M10- ion) at the 
migration position of GL product, while the mass corresponding to the “mis-
ligated” product was not detected. Therefore, the GL method worked well in 
the short sequences studied. 
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Figure 3-40. Examples of LC-MS UV trace and peak calling for sequence set ‘h’ with C 
incorporation. Annealed strand 1+2+3 is a control without GL treatment. Peak calling was 
performed with both predicted mass value of the correct product and the product ligated 
without gap filling (MW for target product for set h is 10433.8, n=10 fragmentation peak mass 
for correct product is 1042.4, for mis-ligated product is 1013.5). 
3.3.3.2 Validation with Long DNA Sequences 
Widom DNA with a single mC, hmC, fC or caC modification at various 
positions was prepared for further validation of the GL method and for future 
studies on nucleosome occupancy and stability. Modification positions were 
chosen within the sequence based on the positions identified from PolStop 
data in Section 3.2.12.2. Only C sites in a CpG context (Figure 3-41) were 
studied due to their biological relevance in mammals.  
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Figure 3-41. Sequence Design for incorporating modified C in the Widom sequence at various 
CpG positions. The full sequences are listed in Table 5-3. 
3.3.3.3 Validation by Gel Electrophoresis 
The experiments were carried out using the optimized conditions. Because 
147 bp DNA is too long to be directly characterized with LC-MS, the products 
were first visualized by denaturing gel electrophoresis to confirm the success 
of the reaction. 
 
Figure 3-42. Monitoring the GL expt progress with denaturing gel electrophoresis stained by 
1XSybr Gold (example shown is set a). Control DNA was generated by PCR.  
Successful gap filling and ligation covalently joins strands 2 and 3, therefore 
the experiment progress can be monitored through the relative band intensity 
changes using denaturing gel electrophoresis as demonstrated by Figure 3-
42. As strand 1 and the target product (complementary strand of strand 1) 
have a very similar migration position after denaturation, it is ambiguous to 
directly conclude whether the reverse strand has been produced successfully; 
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it can only be inferred by the relative band intensity reduction of strands 2 and 
3.  
 
Control experiments were performed where annealed strands 1+2+3 were 
directly ligated without the gap-filling step (Figure 3-42, “annealed strand 
1+2+3” lanes “+ligation” compared to “-ligation”). Surprisingly, the bands for 
strands 2 and 3 also disappeared similar to the lanes of GL reactions, 
suggesting that T4 ligase is capable of ligation over the 1-nt gap to give a mis-
ligated product. This phenomenon was also observed in the literature355 and 
by the manufacturer. Therefore the denaturing gel electrophoresis can only 
provide information about the success rate of the ligation step but cannot 
differentiate the correct product from the mis-ligated product due to the 
similarity in product length. Thus NGS was used to further evaluate the error 
rate for mis-ligated product formation. 
3.3.3.4 Validation by NGS 
Since the gap filling step by T4 polymerase and ligation step by T4 ligase are 
independent of each other, there are four possible products (summarized in 
Figure 3-43). The efficiency of the ligation step was evaluated by denaturing 
gel electrophoresis; NGS was then used to measure the efficiency of the gap-
filling step. The GL reaction was performed with biotinylated strand 2 attached 
to streptavidin beads, and the product was denatured by 0.1 M sodium 
hydroxide to break all H-bonds. Therefore, strand 1 and unligated strand 3 
were washed away as they were not covalently bonded to the biotinylated 
strand 2. This excludes the interference from strand 1 in the subsequent PCR 
to the efficiency evaluation for the gap-filling step. For the library preparation 
for sequencing, PCR was used to generate blunt ended dsDNA. Only one 
type of xdCtp was added for each reaction, therefore a C reading from NGS is 
enough to confirm the success of gap filling without the need to use 
BS/redBS/oxBS-seq. Analysis of the DNA sequence from NGS data provides 
information about whether the gap position was filled with the desired C 
modifications (correct) or was mis-ligated (deletion). Since there is only 1-nt 
difference between these two products types, PCR biases are expected to be 
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minimal, and the number of reads for each type of product represents the 
success and failure rate for the gap-filling step. 
 
Figure 3-43. Schematic illustration for evaluating the efficiency of gap filling by NGS. 
The NGS data showed that the percentage of mis-gap product (deletion) is 
mostly below 2% for mC, hmC and fC, which should be satisfactory for most 
applications of this approach. caC however showed 5.3% to 8.6% mis-ligation 
rates for sets B, C and D, indicating that T4 polymerase takes longer to 
incorporate cadCtp into the gap position so that the ligation before the gap-
filling happened more frequently. Similar phenomena have been observed 
during previous PCR experiments to prepare caC-containing DNA. DreamTaq 
and Taq polymerases, although able to incorporate dCtp, mdCtp, hmdCtp and 
fdCtp, could not incorporate cadCtp to produce the PCR product with 
standard PCR conditions. A special polymerase, KOD XL, had to be used for 
preparing caC containing DNA.356 
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Figure 3-44. NGS results summary for set a to D with mC, hmC, fC and caC modifications. 
The bioinformatic analysis also revealed that in addition to the target product 
and mis-ligated product (deletion), there are a small number of random 
mutations and insertions to the DNA sequences that may arise during the 
PCR amplification and sequencing (Table 6-1). A baseline error rate was 
constructed to compare the error rates for the gap positions with the rest of 
positions (Table 6-2). As positions other than the gap position were 
synthesized by solid-phase phosphoramidite chemistry, and theoretically 
should be error-free, the deletion/mutation/insertion rates from NGS readings 
were calculated as the baseline error rate. Corrected with the baseline error 
rate obtained from the same data set, the percentage of mismatches and 
insertions are both close to 0% (Figure 3-44).  
3.3.4 Conclusion and Future Work 
A simple, fast and reliable method for generating DNA with single C derivative 
modifications at designated positions has been developed (the comparison 
with other methods is summarized in Table 3-3), and the robustness of this 
method has been demonstrated on both short sequences with various 
sequence contexts and Widom sequences at different positions. With the 
current sequences explored, limiting conditions such as sequence context 
were not observed. This method will be used to prepare DNA with 
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modifications at precise loci to scrutinize their effect on nucleosome 
occupancy and stability rather than measuring an average effect. This method 
is especially suitable for the studies on comparing the effect of different DNA 
modifications in the same sequence context. As opposed to solid phase 
synthesis that requires separate preparation of all strands with high cost, the 
GL method only requires preparation of a common set of strands 1, 2 and 3, 
and the sequences with different modifications can then be easily prepared in 
parallel. 
 
Table 3-3. Comparison between the developed GL method and other methods used to 
introduce DNA modifications. 
A potential shortcoming of the GL method is that mis-ligated products, 
although at a very low percentage (< 2.2% for mC, hmC and fC, < 8.7% for 
caC), are difficult to separate from the target product. A few strategies can 
potentially tackle this problem. In GL reactions with non-biotinylated strand 2, 
polymerase extension and ligation can be carried out in two separate 
reactions to ensure no ligation can occur before the gap filling takes place. 
Alternatively, a Taq ligase357 can be explored to help eliminate this issue. This 
ligase cannot ligate over the 1-nt gap358, 359, and therefore ensures the ligation 
only occurs after the gap-filling step is completed. The failed product in this 
case will always be significantly shorter than the target product, and thus 
much easier to purify. 
 
In the future, it would be interesting to study the effectiveness of this GL 
method in other sequence contexts. This method can be expanded to other 
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modifications such as T derivatives, as long as the modified nucleotide 
triphosphates and suitable polymerases are available. This method can also 
be adapted to the preparation of DNA with mixed DNA modifications at 
multiple positions. In addition, with wider gaps, this method allows the 
preparation of DNA with a patch of dense modifications at various lengths. 
The length of DNA that the GL method can directly prepare is restricted only 
by the length of DNA required to achieve correct annealing and the cost of 
solid phase synthesis to prepare strands 1, 2 and 3. This issue could be 
circumvented by combining the GL method with restriction enzymes, widening 
the range of DNA lengths this method can be applied to. 
3.4 Conclusion 
In summary, it was shown that mC, hmC and fC modifications increased 
nucleosome occupancy and stability in an increasing order, and that even 
low-density modifications are sufficient to induce such changes. With mC and 
hmC present, fC preferentially occupied the positions facing towards the 
histone in the forward strands with a slight preference for minor groove 
positions, while hmC mainly occupied the positions on the first half of reverse 
strand further away from histone than fC with a preference for major groove 
positions, and mC primarily dominated the positions furthest away from 
histone core on the reverse strand with a preference for major groove 
positions. This provides an interesting pattern for nucleosome positioning in 
DNA with mixed C derivatives. Without mC and hmC present, fC was 
enriched in both forward and reverse strands of DNA both facing towards and 
away from histone core compared to the control DNA, indicating combined 
mechanisms of promoting nucleosome formation. Several possible factors 
could contribute towards the promoting effect of fC (summarized in Figure 3-
45), and they were examined separately. The results revealed that 
independent of chaperones, the effects of fC on the biochemical and 
biophysical properties of the nucleosome.  
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Figure 3-45. Summary of hypotheses for the potential changes caused by fC contributing to 
the increased nucleosome formation, and the proposed experiments to examine the 
hypotheses. The F-DNA structure figure is taken from Raiber et al.37. DNA cyclization 
experiment result reported by Ngo et al.111. 
The link between fC and nucleosomes provides a new conceptual foundation 
for the understanding of nucleosome formation and positioning by DNA 
modifications. Upon formation, the Schiff base anchors the DNA to the histone 
and stabilizes the nucleosome. The fC positions identified with a high 
probability of Schiff base formation showed a clear pattern of periodicity. The 
spatial relationship with histone proteins and the exact amino acid residues 
cross-linked to fC may be identified by high-resolution cryo-Electron 
Microscopy (cryo-EM) or Molecular Dynamics (MD) simulation. Well-
positioned nucleosomes may impede the access of protein factors, or mark 
regulatory elements, or recruit pioneer factors to initiate transcription. Since fC 
peaks in mESCs and embryonic tissues overlap with active histone markers 
such as H3K27ac and H3K4me1164, it may be plausible that fC promotes and 
stabilizes nucleosomes at necessary positions and influences protein factors 
recruitment for the regulation of transcription. Some preliminary proteomics 
work has been performed to explore this hypothesis (summarized in Section 
4.2.3). 
 
In addition, fC may cause biophysical changes to the nucleosomal DNA in 
terms of DNA structure and flexibility, similar to the effect observed with 
dsDNA detailed in Section 2.1.1 and 3.1.537, 111. In the restrained environment 
of the nucleosome, the Widom DNA containing dense symmetrical fCpG 
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modifications may form the intricate hydrogen-bonding network observed in F-
DNA37, and relax the nucleosomal DNA to enable more histone-DNA 
interactions. In addition, the nucleosomal DNA may become more flexible as 
observed with dsDNA111, and allow extra interactions with histone proteins. 
These potential changes can be examined by comparing the high-resolution 
cryo-EM structure of fC-modified and unmodified nucleosomes (preliminary 
work shown in Section 4.2.2). These potential structural changes may also 
contribute to the increased nucleosome occupancy and stability, and may 
even influence the length of helical turns on the nucleosome, and further lead 
to changes in DNA packaging in cells with clustered fC modifications.  
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4 Reflection and Further Questions 
4.1 Reflection 
The focus of this thesis has been on the effect of naturally occurring DNA 
modifications on duplex DNA and nucleosomes. Several interesting 
phenomena were observed during this research and are worthy of further 
investigation. 
 
The systematic studies of T derivatives by CD spectroscopy in Chapter 2 
revealed that the presence of symmetrical dense fU modifications, but not 
other T derivatives, in a DNA duplex is able to produce a similar structural 
change to the previously reported for fC-containing DNA duplex37. All fU-
containing complementary duplexes investigated showed a characteristic 
negative band around 300 nm, which is likely attributable to the fU:A base-
pair.  
 
The systematic in vitro evaluation of the effects of naturally occurring DNA 
modifications on nucleosome in Chapter 3 suggested that fC modification is 
apt to increase nucleosome occupancy and stability regardless of modification 
density. Additionally, it has been shown that this effect is the result of intrinsic 
changes to the nucleosome upon fC modifications, independent of 
chaperones. The fC positional preference study (Section 3.2.10) showed that 
fC was enriched in all groove positions, facing both towards and away from 
the histone core, suggesting multiple mechanisms of promoting nucleosome 
formation. Possible mechanisms include the Schiff base formation between fC 
in the major grooves and primary amines from histone tails. Upon formation, 
the Schiff base anchors the DNA to the histone and stabilizes the nucleosome. 
Possible biophysical changes including increased dsDNA flexibility111 and 
potential nucleosomal DNA structural changes similar to those previously 
observed in dsDNA37 could also contribute to the promoting effect of fC.  
 
The changes to dsDNA and nucleosome properties induced by naturally 
occurring C and T derivatives advance our understanding of the role DNA 
modifications play in reshaping chromatin architecture and thus regulating 
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cellular activities such as DNA replication and transcription. These results 
encourage the pursuit of further insights into their effect and functions through 
structural and proteomics studies.  
4.2 Preliminary Studies to Address Further Questions 
4.2.1 Towards Obtaining a High-Resolution Structure of ODN3-fU 
dsDNA   
The high resolution structure of ODN3-fU needs to be elucidated along with its 
unmodified counterpart as the control to confirm the structural similarity 
between ODN3-fU and F-DNA37 observed in CD spectra, and also to 
understand the changes in intramolecular interactions caused by fU 
modifications resulting in the structural deviation from B-form DNA. Previous 
studies have demonstrated that several protein factors can be preferentially 
recruited by fU, therefore the high-resolution dsDNA structure may also 
provide structural insights for specific recognition. 
 
Figure 4-1. Workflow of X-ray crystallization and examples of initial conditions and current 
conditions after optimization. The optimization was done in 96-well plates, where the 
concentration of precipitants from the initial condition was gradually varied in both the 
horizontal (x) and vertical (y) directions of the crystallization plate. 
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X-ray crystallography involves incubating DNA molecules with precipitants to 
aid crystallization by promoting the orderly assembly of DNA molecules. The 
X-ray diffraction patterns of DNA crystals are solved to produce high-
resolution structures27, 360, 361. Following an initial screen of crystallisation 
conditions (Figure 4-1), further optimization is required in order to obtain 
sufficiently large crystals for high-resolution structure determination.  
4.2.2 Towards a High-Resolution Structure of the fC-Nucleosome   
(DNA and nucleosomes were prepared by me; grid preparation, imaging and 
structural determination was done by Dr Ben Luisi, Dr Dimitri Chirgadze and 
Dr Kotryna Bloznelyte, Department of Biochemistry, University of Cambridge) 
 
The observed positive effect of fC modifications on nucleosome formation and 
stability prompted me to initiate a structural study to understand the basis of 
these effects. Cryo-EM was utilized to elucidate the high-resolution 
nucleosome structure by bombarding samples with an electron beam and 
detecting the interference between the electron beam and the sample. Initially, 
the nucleosome preparation conditions were optimized (summarized in Figure 
4-2, detailed in Appendix Section 6.6) to produce large quantities of well-
isolated fC-nucleosomes (Figure 4-3), which were imaged to solve the high-
resolution structures of nucleosome (Figure 4-4) to enable the investigation of 
the changes imposed by fC on the nucleosome. Potential changes of 
particular interest include differential histone-DNA interactions, and 
nucleosomal DNA conformation changes compared to the unmodified 
nucleosome. 
 
After reconstruction, the resolution of the fC-containing nucleosomes reached 
3.1 Å, and the preliminary map of the fully modified fC nucleosome is shown 
in Figure 4-4. From the model, the nucleosome was found to be a disk-
shaped molecule with right-handed DNA wrapping left-handed helically 
around the histone octamer in about 1.7 turns. The nucleosome has a 
diameter of 106 Å and a height of 65 Å. All these parameters agree with 




Figure 4-2. Illustration of the cryo-EM workflow from sample preparation to structure 
reconstruction. The second row of images depicts an example of a grid at sequentially higher 
magnification from right to left. The scale bars in the bottom left corner of each figure 
represent (from right to left) 100 µm, 2 µm, 200 nm and 20 nm, respectively. 
The fC positions identified to form Schiff bases with the highest frequency will 
be analysed in the context of the high-resolution cryo-EM structure of the fC-
Widom nucleosome to spatially identify the corresponding lysine residues. 
The movements of histone tails are not restricted in aqueous solution, and 
therefore invisible due to the nature of cryo-EM structure determination. 
However, if a Schiff base forms between DNA and histone tails, the histone 
tail will be restricted to one region with higher probability, resulting in (partially) 
visible histone tails. With high enough resolution, the Schiff base might be 
observed directly or indirectly through changes in density around fC sites. 
With the exact arrangement of DNA and histone proteins available, the fC 
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positions identified were further analysed in aspects such as DNA helical 
parameters and spatial relationship between fC modifications and histone tails. 
 
Figure 4-3. Nucleosome produced by final condition: summary of final sample condition 
decided; and the results of nucleosomes checked by native gel electrophoresis and cryo-EM. 
With the GL technique developed for incorporating DNA modifications at 
desired positions, it will now be interesting to prepare nucleosomes with single 
fC or short patches of consecutive fCpG modifications to elucidate how only a 
few modifications are enough to influence the nucleosome structure and 
interactions and cause the significant changes in nucleosome properties as 
presented in Section 3.2.8. 
 
Figure 4-4. The model of nucleosome structure solved to 3.1 Å. (a) top view; (b) side view. 
The DNA is in cyan and the histone is in magenta. 
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4.2.3 Towards Identifying Protein Factors Specifically Interacting 
with Modified Nucleosome(s)  
xC modifications have been demonstrated to cause changes to the 
nucleosome’s biophysical and biochemical properties, which may influence 
protein machinery recruitment and add another layer for shaping chromatin 
architecture and regulating cellular activities.  
 
Previous studies on the protein recruitment of xCs were mostly done with 
dsDNA carrying xC modifications, while only Bartke et al. studied the effect of 
DNA methylations on protein recruitment in the nucleosome context.163, 166-168 
Since chromatin remodelers and pioneer transcription factors have been 
shown to bind to nucleosomes362, 363, it would be interesting to study how xC-
modified nucleosomes can impact protein-nucleosome interactions to further 
understand their biological functions.  
 
Due to the importance of linker DNA, it would also be interesting to study 
strings of several nucleosomes with both modified histone and modified linker 
DNA to see what chromatin remodelers can be specifically recruited. 
 
In addition, as it was shown in Iurlaro et al.164, genome-wide fC distribution 
overlaps nicely with active histone marks such as H3K4me1 and H3K27ac. 
Therefore, it would be interesting to see whether fC-nucleosomes containing 
active histone marks can specifically attract chromatin remodelers and 
transcription factors to regulate transcription. In our preliminary results for 
nucleosome pull-down with HeLa nuclear extract, we have noticed that fC-
modified nucleosomes specifically attracted proteins related to histone 
acetylation such as NAT10364, 365, while unmodified nucleosomes can 
specifically recruit HDAC1, which deacetylates the histone366. This preliminary 
proteomics data aligns with in vivo observations of fC colocalization with 
H3K27ac, and suggests the hierarchy of DNA formylation and histone 
modification generation. It would be interesting to follow up with strictly 
controlled in vitro biochemistry experiments to examine such directionality of 
DNA and histone modifications generation and removal.  
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5 Experimental Methodology 
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All DNA concentration measurements in this thesis were quantified on a 
NanoDrop One Microvolume UV-Vis Spectrophotometer (Thermo Fisher 
Scientific, Massachusetts, USA). All the nucleoside and short oligo analyses 
were done by HPLC (Agilent Technology 1200 Series) or by LC-MS (Thermo 
Scientific Dionex Ultimate RS3000 LC coupled with Bruker AmaZonX MS, 
Massachusetts, USA). All PCR and incubation procedures were done with 
peqSTAR thermal cyclers (PEQLAB, Germany) unless otherwise stated. All 
water used in this study was ultrapure grade Milli-Q® water (MQ H2O, 
Millipore, Merck, Germany). All values listed in this chapter are working 
concentrations/quantities.  
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5.1 Duplex DNA Study in Chapter 2 
5.1.1 Oligo DNA Preparation  
The fU- and hmU-modified sequences were ordered from ATDbio 
(Southampton, UK), and all other sequences were ordered from Invitrogen 
(California, USA), IBT (Germany) and Sigma-Aldrich (Missouri, USA). These 
sequences were synthesized by phosphoramidite chemistry235 and purified by 
HPLC. Samples were dissolved in MQ H2O to 1 mM (ssDNA concentration) 
stock solution and stored at -20°C. 
5.1.2 UV Denaturation for Duplex DNA Stability Studies 
The samples were prepared by mixing the forward and reverse strands in a 
1:1 ratio at 5 µM (dsDNA concentration) in 10 mM PBS buffer at pH 7.2 (10 
mM sodium phosphate salt, 137 mM sodium chloride and 2.7 mM potassium 
chloride) and 3 mM magnesium chloride. Samples were placed in quartz 
cuvettes with 1 cm path length and covered with 200 µL of mineral oil. UV 
melting was done using a Cary 100 UV-Vis Spectrophotometer (Agilent 
Technologies, California, USA). Samples were heated at 95°C for 10 min and 
annealed in the instrument from 95°C to 5°C at 10°C/min. After equilibrating 
at 5°C for 10 min, samples were heated to 95°C and cooled to 5°C at a rate of 
1°C/min for 3 cycles, with data collected at every 1°C interval during both 
melting and cooling processes.  
 
The baselines of melting curves were determined by treating the plateau at 
the lower temperature as 100% of the DNA strands being in duplex form 
(bottom), and the plateau at the high temperature as 0% of the DNA strands 
in duplex form (top). The melting temperature (Tm) of a given duplex, 
reflecting its thermal stability, was defined as the temperature where 50% of 
the DNA strands were in duplex form. The melting curves were fitted with the 
Boltzmann sigmoid function in Prism (GraphPad)367 using the following 
equation to calculate Tm: 







The melting experiments were performed in triplicate, and the reported Tms 
are the average of three experiments. 
5.1.3 Circular Dichroism for Duplex DNA Structure Studies 
The samples were prepared by mixing the forward and the reverse strand of 
duplex in a 1:1 ratio at 10 µM (duplex concentration) in 10 mM PBS at pH 7.2. 
Samples were annealed by heating to 75°C and slowly cooled down to 5°C 
over a period of 3 h. CD spectra were recorded with a Chirascan Plus 
spectropolarimeter (Applied Photophysics, UK) in quartz cuvettes with 0.1 cm 
path length. Scans were performed across the range of 200-350 nm at 20°C. 
Each sample was scanned three times with a step size of 1 nm, time per point 
of 1 s and a bandwidth of 1 nm; the three scans were averaged to provide the 
final result. The spectrum of pure buffer was subtracted from the final result, 
and baseline corrected at 320 nm. 
5.1.4 X-Ray Crystallography for Duplex DNA Structure Studies 
The oligonucleotides for crystallization were desalted using PD-10 columns 
(GE Healthcare Life Sciences, New Jersey, USA) and annealed by heating to 
95°C for 5 min and slowly cooling down to room temperature over a period of 
3 h. Crystallization was done using the vapour-diffusion sitting-drop method in 
96-well MRC 2-drop crystallization plates (Molecular Dimension, UK). Each 
drop was made up with 200 nL of 1 mM DNA solution (strand concentration) 
mixed with 200 nL reservoir solution from commercialized screening kits 
(Nucleix Suite, MPD suite and PEG Suite (Qiagen, California, USA)) using a 
Mosquito Crystallization Robot (TTP Labtech, UK). The crystallization plates 
were incubated at 20°C, and monitored with a Rock Imager 1000 
(Formulatrix, Massachusetts, USA).  
5.2 Nucleosome Study in Chapter 3 
5.2.1 Nucleosome Occupancy Comparison 
5.2.1.1 Nucleosomal DNA Preparation 
DNA for nucleosome assembly experiments was generated by standard PCR 
amplification using Taq polymerase (NEB, Massachusetts, USA) for C-, mC-, 
hmC- and fC-modified DNA, and KOD XL Polymerase (Novagen, Wisconsin, 
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USA) for caC-modified DNA. For a 50 µL reaction, the template (0.9 ng, 0.02 
pmole) was mixed with deoxynucleotide triphosphates (dNtps, 200 µM), 
primers (0.5 µM) and polymerases (2.5 U). For Widom DNA, the annealing 
condition was 55.5°C for 30 s; the elongation condition was 68°C for 30 s. 
After 30 cycles, the reaction mixture was slowly cooled down to 4 °C. For HS 
DNA, the annealing condition was 64.5°C for 30 s; the elongation condition 
was 68°C for 30 s. After 29 cycles, the reaction mixture was snap cooled to 
4°C to avoid the formation of unwanted concatenated product. 
 
The deoxynucleoside triphosphates used were unmodified dNtps (Thermo 
Scientific) and/or modified deoxycytidine triphosphates or modified 
deoxyuridine triphosphates (TriLink, California, USA). The DNA template and 
primers were synthesized by Sigma Aldrich (Missouri, USA) and IBA 
(Germany). The sequence of template and primers are as shown in Table 5-1. 
 
Table 5-1. Sequence table of all sequences and their primers used in this study. 
For fully modified DNA, the dCtp was fully replaced by the respective xdCtp; 
for partially modified DNA, the PCR was done with a mixture of dCtp and 
xdCtp, with the ratio determined by the calibration curve specified in Figure 3-
16. The 1% xC-modified DNA for mC, hmC and fC, was generated with the 
input percentage of 2% mdCtp, 10% hmdCtp and 3.4% fdCtp respectively, 
with the rest being dCtp. The percentage of xC incorporation was confirmed 
by LC-MS/MS.  
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After PCR synthesis, reaction mixtures were purified using the GeneJet PCR 
Purification Kit (Life Technologies, California, USA), and eluted with MQ H2O. 
The DNA was quantified by Nanodrop. The DNA quality was checked using a 
Tapestation 2200 (Agilent, California, USA) with D1000 tapes and reagents, 
where the DNA is pre-stained with an intercalating dye (Sybr Green I), 
separated on a gel tube composed of agarose and polyacrylamide gel and 
imaged to show the migration pattern and purity. 
5.2.1.2 LC-MS/HPLC Condition for xC Incorporation Quantification 
The DNA (500 ng) was digested into nucleosides with 2.5 U DNA Degradase 
Plus (Zymo, California, USA) in a 25 µL reaction by incubation at 37°C (block) 
45°C (lid) for 3 h in a peqSTAR thermal cycler, and cleaned using an Amicon 
Ultra-0.5 Centrifugal Filter Unit (10 kDa) to remove the degradase. The 
solution in the collection tube was separated on a Pursuit 5 C18 column (150 
x 4.6 mm, Agilent) by HPLC monitored at 280 nm or LC-MS monitored at 260 
nm. Solvent A (10 mM ammonium formate in MQ H2O) and B (acetonitrile 
containing 0.1% formic acid) were used for the nucleoside separation. The 
percentage of B is shown in Figure 5-1. Flow rate is 1.5 mL/min. 
 
Figure 5-1. LC-MS and HPLC condition to separate nucleosides for xC incorporation 
quantification. Solvent A (10 mM ammonium formate in MQ H2O) and B (acetonitrile with 0.1% 
formic acid) were used. Flow rate is 1.5 mL/min. 













B: acetonitrile and 0.1% formic acid
flow rate (mL/min)
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5.2.1.3 Nucleosome Preparation 
5.2.1.3.1 Assisted by Biological Assisting Factors NAP-1 and ACF 
All chaperones and histone proteins were from the Chromatin Assembly Kit 
(Active Motif, Belgium). A master mix (MM) of all the assembly components 
except DNA was prepared following the manufacturer’s instructions with some 
modifications and aliquoted into individual tubes before adding DNA to avoid 
condition variance and handling small reagent volumes. For a 15 µL assembly 
1.5 µL High Salt Buffer was incubated with 0.21 µL h-NAP-1 and 0.27 µL 
HeLa Core Histones. The mixture was incubated on ice for 30 minutes before 
the addition of 3.65 µL Low Salt Buffer, 0.38 µL ACF complex and 1.5 µL 
freshly prepared complete 10X ATP Regeneration System. Complete 10X 
ATP Regeneration System was prepared by mixing 0.1 µL Creatine Kinase 
with 1.65 µL 10X ATP Regeneration System. The mixture was gently agitated 
after addition of each component. DNA (100ng) was diluted with MQ H2O to 
7.5 µL, mixed with 7.5 µL master mix and incubated at 27°C (block) and 50°C 
(lid) overnight in a peqSTAR thermal cycler. The reaction was then cleaned 
up using a Bio-Spin 6 Tris column (P6 column, BioRad, California, USA). For 
competing nucleosome formation, the DNA carrying different modifications 
and fluorescence labels was mixed in equal amounts and incubated with 
master mix. 
5.2.1.3.2 Assisted by PGA 
Poly-L-Glutamic Acid sodium salt (6.6 µg, MW 50 – 100 kDa, polymerized 
exclusively through the α-COOH group) was mixed with HeLa histone (13.2 
µg, Active Motif) in 2 M sodium chloride and diluted to 150 mM in TE buffer 
(10 mM Tris-HCl pH 8.0, 1 mM EDTA) to give 120 µL HP mix at 110 ng/µL. 
The mixture was mixed by gentle pipetting and incubated at room temperature 
for 1 hour. The mixture was ultra-centrifuged at 13 k rcf for 10 minutes to 
remove possible aggregates. The HP mix was adjusted to 80 ng/µL with TE 
buffer with 150 mM NaCl, and then mixed with DNA (35 ng) and BSA (0.8 µg) 
at total volume of 14 µL. The reaction mixture was incubated at room 
temperature for 5.5 hours. Then the nucleosome was cross-linked with 
formalin solution (0.75%) and incubated at room temperature for 5 minutes, 
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then quenched with glycine solution (125 mM) for 5 minutes. The reaction was 
subsequently cleaned up using a P6 column. 
5.2.1.4 Gel Electrophoresis and Imaging 
The result of the nucleosome assembly procedure was checked by gel 
electrophoresis using 6% DNA Retardation gel or 4-12% TBE gel (Life 
Technologies) in 0.4X TBE buffer (Life Technologies) at 4°C at 125 V using 
the XCell SureLock Mini-Cell Electrophoresis tank (Life Technologies). The 
gels were pre-run for at least 1.5 hours. GeneRuler 1kb Plus DNA ladder 
(Thermo Scientific) was used as a reference. The gels were imaged with a 
Typhoon Trio Imager (Amersham Biosciences, UK) or GBOX (Syngene, 
Cambridge, UK).  
 
For the unlabelled samples, the DNA was imaged using either GelRed or 
SybrGold. For GelRed staining, the gels were stained with 1X GelRed Nucleic 
Acid Gel Stain (Biotium, California, USA) for 10 min while shaking. The gels 
were imaged with 532 nm green light and a 610 nm band pass emission filter. 
For SybrGold staining, the gels were stained with 1X SybrGold (Thermo 
Fisher) for 10 min while shaking, and imaged by excitation at 526 nm and 
emission measured at 532 nm. Cy3 labelled gels were excited at 532 nm and 
emission measured at 580 nm with 30 nm filter bandwidth, while Cy3 labelled 
gels were excited at 633 nm and emission measured at 670 nm with 30 nm 
filter bandwidth. The band intensity was quantified using Image Studio Lite (Li-
COR Biosciences, Nebraska, USA) and confirmed by ImageQuant (GE 
Healthcare, UK). 
5.2.2 Nucleosome Stability Comparison 
5.2.2.1 Nucleosomal DNA Preparation  
The DNA was prepared in the same way as described in Section 5.2.1.1 with 
either Cy3 or Cy5 labelled primers.  
5.2.2.2 Nucleosome Stability Measurement 
Fluorescently labelled xC-containing Widom DNA (100 ng) was mixed with 5 
µg competitor 5S rDNA (NEB) without any fluorescence labelling and 2.72 µg 
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recombinant histone proteins (NEB) at 2 M NaCl (total sample volume 50 µL). 
The resultant mixture was dialyzed in a Slide-A-LyzerTM MINI Dialysis Unit 
(MW 10 kDa cutoff, ThermoFisher Scientific) in a 2 mL eppendorf tube filled 
with dialysis buffer composed of 1XDTE buffer (20 mM Tris-HCl pH 8.0, 1 mM 
EDTA, 1 mM DTT) and NaCl concentrations decreasing from 2 M to 0.25 M 
via three intermediate salt concentrations (1.5, 1.0, 0.6 M NaCl) over 24 hours 
at 4 °C. The dialysis buffer was changed at least once per salt concentration. 
The mixture was recovered from the dialysis unit and prepared for analysis by 
gel electrophoresis as described in Section 5.2.1.4. 
5.2.3 fC Positional Preference in the Nucleosome 
5.2.3.1 Nucleosomal DNA Preparation  
The DNA was prepared in the same way as described in Section 5.2.1.1. 
fdCtp input percentages of 5%, 10%, 20%, 40%, 60%, 80%, 100% with the 
rest being dCtp were used to prepare Widom DNA with different fC densities.  
5.2.3.2 Nucleosome Preparation 
The nucleosome was prepared as described in Section 5.2.1.3.1, with the 
following alterations: the MM concentration is 60% of that described before, 
and the DNA input was 600 ng, composed of 50 ng of DNA with fC at the 
aforementioned seven modification densities and 250 ng unmodified Widom 
DNA. 
5.2.3.3 Nucleosomal DNA Recovery  
The nucleosome assembly mixture was resolved on 10% native TBE gel 
(conditions as described in Section 5.2.1.4), and imaged by GelRed staining 
to show the position of the nucleosome band (position confirmed with the 
control nucleosome as shown in Figure 3-24). The gel slice containing 
nucleosomes was cut out and crushed finely into a gel slurry, and repetitively 
soaked with 1XTE buffer (pH 8.0) with 0.05% SDS and extracted at least 
three times, while vigorously shaking at 800 rpm at 4 °C. The extraction 
solution was filtered using a Spin-X centrifuge tube filter (0.22 µm pore size, 
Corning Costar, Sigma Aldrich) and concentrated down with an Amicon 10 
kDa concentrator. The resulting solution was subjected to Proteinase K 
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(Active Motif) digestion at 55°C for 30 mins, and purified with the GeneJet 
PCR Purification Kit, and subsequently with a P6 column.  
5.2.3.4 Profiling fC Positions by redBS-seq 
The recovered nucleosomal DNA was subjected to standard library prep 
procedure using the NEBNext Ultra Library Prep Kit for Illumina (NEB), and 
then the redBS treatment. The DNA was reduced with 0.25 M sodium 
borohydride, and incubated at room temperature for 1 hour without light. Then 
25 mM sodium acetate (pH 5) was used to quench the reaction mixture. The 
mixture was purified with a P6 column, then subjected to BS treatment with 
the EZ DNA Methylation-Gold Kit (Zymo). The obtained library was then 
subjected to 20 cycles of PCR amplification with Veraseq Ultra Polymerase 
(Enzymatics, Massachusetts, USA), and quantified using a KAPA Library 
Quantification Kit (KAPA Biosystems, Roche, Switzerland) prior to sequencing 
using a MiSeq (Illumina, California, USA) and the MiSeq Reagent Kit v2 (300-
cycle, Illumina). 
5.2.4 xC Positional Preference in the Nucleosome 
5.2.4.1 Nucleosomal DNA Preparation  
The DNA was prepared in the same way as described in Section 5.2.1.1, with 
the exception that the xdCtp input percentage is 15% dCtp, 8.6% mdCtp, 62% 
hmdCtp and 14.4% fdCtp, to generate Widom DNA modified with 20% of mC, 
hmC and fC. The percentage of xC incorporation was confirmed by LC-MS.  
5.2.4.2 LC-MS/HPLC condition for xC Quantification 
The conditions used are as described in Section 5.2.1.2. 
5.2.4.3 Nucleosome Preparation 
The nucleosome was prepared in the same way as described in Section 
5.2.1.3.1, with the following alterations: the MM concentration is 60% of that 
described before, and the DNA input was 600 ng. 
5.2.4.4 Nucleosomal DNA Recovery  
The conditions used are the same as described in Section 5.2.3.3. 
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5.2.4.5 Profiling xC position by BS/oxBS/redBS-seq 
The recovered nucleosomal DNA was subjected to standard library prep 
procedure using the NEBNext Ultra Library Prep Kit for Illumina (NEB), and 
then subjected to BS/oxBS/redBS treatment. BS was carried out using the EZ 
DNA Methylation-Gold Kit; redBS was performed as described in Section 
5.2.3.4. oxBS was carried out using a TrueMethyl Seq Kit (Cambridge 
Epigenetics) according to the manufacturer’s instructions, with the exception 
that only one round of BS conversion was done. Then the obtained library 
was subjected to 20 cycles of PCR amplification with Veraseq Ultra 
Polymerase, and quantified using the KAPA Library Quantification Kit prior to 
sequencing using the MiSeq with the MiSeq Reagent Kit v2 (300-cycle). 
5.2.5 Schiff Base Capture 
5.2.5.1 DNA and Nucleosome Preparation 
The 100% fC modified Widom DNA labelled with both Cy3 and Cy5 at 5’ ends 
was prepared as described in Section 5.2.1.1. After PCR synthesis, the 
reaction mixtures were purified initially using the GeneJet PCR Purification 
Kit, and subsequently on a 1.5% agarose gel pre-stained with GelRed, then 
extracted using a GeneJet Gel Extraction Kit (Life Technologies, California, 
USA) and eluted with MilliQ water. 
 
The nucleosome was prepared as described in Section 5.2.1.3.1 and Section 
5.4.2.1 by both methods, with the exception that the DNA input is 300 ng. 
5.2.5.2 Reduction Capture of the Schiff Base 
Nucleosomes were treated with 100 mM sodium cyanoborohydride (Sigma 
Aldrich) and incubated at 37°C for 18 h. The mixture was then purified using a 
P6 column.  
5.2.5.3 Denaturing Gel Electrophoresis and Proteomics Analysis 
The purified reduced nucleosome was mixed with 4X NuPAGETM LDS 
Sample Buffer (ThermoFisher Scientific) and heated at 95°C for 5 minutes. 
The resultant mixture was subsequently run on a 4-20% Bis-Tris Protein gel in 
1X MES SDS buffer (ThermoFisher Scientific). The upshifted gel bands were 
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excised and submitted to the Cambridge Centre for Proteomics, University of 
Cambridge, for commercial proteomics analysis using the procedure 
described in Section 5.2.5.4.  
5.2.5.4 Proteomics Analysis 
1D gel bands were transferred into a 96-well PCR plate. The bands were cut 
into 1 mm2 pieces, destained, reduced (DTT) and alkylated (iodoacetamide) 
and subjected to enzymatic digestion with chymotrypsin overnight at 37°C. 
After digestion, the supernatant was pipetted into a sample vial and loaded 
onto an autosampler for automated LC-MS/MS analysis. 
 
All LC-MS/MS experiments were performed using a Dionex Ultimate 3000 
RSLC nanoUPLC (Thermo Fisher Scientific) system and a Q Exactive 
Orbitrap mass spectrometer (Thermo Fisher Scientific). Separation of 
peptides was performed by reverse-phase chromatography at a flow rate of 
300 nL/min and a Thermo Scientific reverse-phase nano Easy-spray column 
(Thermo Scientific PepMap C18, 2 mm particle size, 100 Å pore size, 75 mm 
i.d. x 50 cm length). Peptides were loaded onto a pre-column (Thermo 
Scientific PepMap 100 C18, 5 mm particle size, 100 Å pore size, 300 mm i.d. 
x 5 mm length) from the Ultimate 3000 autosampler with 0.1% formic acid for 
3 minutes at a flow rate of 10 mL/min. After this period, the column valve was 
switched to allow elution of peptides from the pre-column onto the analytical 
column. Solvent A was water + 0.1% formic acid and solvent B was 80% 
acetonitrile, 20% water + 0.1% formic acid. The linear gradient employed was 
2-40% B in 30 minutes. 
 
The LC eluent was sprayed into the mass spectrometer by means of an Easy-
Spray source (Thermo Fisher Scientific Inc.). All m/z values of eluting ions 
were measured in an Orbitrap mass analyzer, set at a resolution of 70000 and 
was scanned between m/z 380-1500. Data dependent scans (Top 20) were 
employed to automatically isolate and generate fragment ions by higher 
energy collisional dissociation (HCD, NCE: 25%) in the HCD collision cell and 
measurement of the resulting fragment ions was performed in the Orbitrap 
analyser, set at a resolution of 17500.  Singly charged ions and ions with 
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unassigned charge states were excluded from being selected for MS/MS and 
a dynamic exclusion window of 20 seconds was employed. 
 
Post-run, the data was processed using Protein Discoverer (version 2.1., 
ThermoFisher).  Briefly, all MS/MS data were converted to mgf files and the 
files were then submitted to the Mascot search algorithm (Matrix Science, 
London UK) and searched against the Uniprot human database (151984 
sequences; 47833598 residues) and a common contaminant sequences (115 
sequences, 38274 residues).  Variable modifications of oxidation (M), 
deamidation (NQ) and carbamidomethyl were applied. The peptide and 
fragment mass tolerances were set to 5ppm and 0.1 Da, respectively. A 
significance threshold value of p<0.05 and a peptide cut-off score of 20 were 
also applied. 
5.2.5.5 PolStop Assay 
The procedure was performed by Dr Robyn Hardisty from Balasubramanian 
lab.298 The nucleosome was first subjected to reduction treatment as 
described in Section 5.2.5.2, and the nucleosome was denatured by heat. The 
resulting ssDNA was then used as the template for single primer extension 
experiments with the forward and reverse primers of Widom DNA, with the 
elongation step restricted to five minutes. The histone subunits were then 
digested by Proteinase K, and the 3’ overhang from the template strand was 
subsequently blunted by ssDNA exonuclease RecJf (NEB). The resulting 
blunt dsDNA was subjected to a standard library prep procedure using 
NEBNext Ultra Library Prep Kit for Illumina (NEB), quantified with KAPA 
Library Quantification Kit and sequenced using a MiSeq with the MiSeq 
Reagent Kit v3 (150-cycle, Illumina).  
5.3 GL Method in Chapter 3 
5.3.1 DNA Preparation 
All DNA sequences were purchased from Sigma and Biomers (Singapore). 
The DNA was dissolved in MilliQ water and the concentration was adjusted 
with UV absorbance of Nanodrop measurements and stored at -20°C. 
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Table 5-2. Short sequences used for validating the GL method. 
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Table 5-3. Long sequences used for validating the GL method. 
5.3.2 GL Method 
5.3.2.1 With Non-biotinylated Strand 2 
Strands 1 and 2 and 3 were mixed in the molar ratio of 0.95:0.95:1 in 1XTES 
buffer (20 mM Tris pH 8.0, 1 mM EDTA and 50 mM NaCl). Then the mixture 
was annealed by heating to 95°C and slowly cooled down to 4°C over a 
period of 1.2 hours. Then the annealed DNA was subjected to one-pot gap 
filling and ligation reaction with 1.5 U T4 polymerase (NEB), 100 µM xdCtp 
and 400 U T4 ligase (NEB) for 6 pmole annealed DNA at 12°C incubation for 
1 hour. 
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5.3.2.2 With Biotinylated Strand 2 
Strands 1 and 2 and 3 were mixed and annealed as described in Section 
5.3.2.1. Then the annealed DNA was immobilized on DynabeadsTM MyOneTM 
Streptavidin T1 beads (30 µL for 6 pmole annealed DNA, ThermoFisher 
Scientific) in 30 µL BB-3 (5 mM Tris-HCl pH 8.0, 1000 mM NaCl, 0.5 mM 
EDTA and 0.05% Triton X-100, all working concentration) by incubating at 
room temperature for 20 minutes or 4°C overnight while rotating in a 250 µL 
PCR tube. The DNA on beads was washed twice with 150 µL BB-4 (10 mM 
Tris-HCl pH 8.0, 10 mM NaCl, 1 mM EDTA and 0.05% Triton X-100, all 
working concentration). Then the washing buffer was removed and 20 µL gap 
filling reaction mixture with 1.5 U T4 polymerase (NEB), 100 µM xdCtp was 
added to beads. The beads were quickly and gently resuspended, and 
incubated at 12°C for 20 minutes. Then the solution was separated from the 
beads using a magnet, and the beads were washed with BB-4 once. Then 10 
µL ligation reaction mixture containing 400 U T4 ligase was added to the 
beads. The beads were quickly and gently resuspended, and incubated at 
16°C for 45 minutes. The reaction was stopped by again separating the 
solution from beads using a magnet; the beads were washed twice with 150 
µL BB-4. 
5.3.3 LC-MS Validation 
LC-MS validation uses short DNA sequences with biotinylated strand 2 
prepared as described in Section 5.3.2.2. The DNA was eluted from 
streptavidin beads by 25 µL 95% formamide + 10 mM EDTA and incubated at 
65°C for 5 minutes. Then the beads were pelleted using a magnet, and the 
supernatant was collected and cleaned using a P6 column and injected into 
the LC-MS.  
 
The DNA was separated on a XTerra@MS C18 column (2.5 µm, 2.1mm x 50 
mm, Waters) on a LC-MS monitored at 260 nm. Solvent A (10 mM 
triethylamine (TEA, Fluka) and 100 mM 1,1,1,3,3,3-hexafluoro-2-propanol 
(HFIP, Fluka) in MQ H2O) and B (methanol) were used for the DNA 




Figure 5-2. LC-MS conditions to confirm product identity for GL method validation. Solvent A 
(10 mM TEA and 100 mM HFIP) and B (100% methanol) were used. The percentage of B is 
shown in the figure. Flow rate is 0.2 mL/min. 
5.3.4 Gel Electrophoresis Validation 
Gel electrophoresis validation uses long DNA sequences with a non-
biotinylated strand 2 prepared as described in Section 5.3.2.1. After ligation 
incubation, the DNA was directly mixed with 2X TBE Urea Sample Buffer 
(ThermoFisher Scientific) and heated at 95°C for 5 minutes. Then the reaction 
was loaded into 6% Novex TBE-Urea gel (ThermoFisher Scientific) and run in 
1XTBE buffer. For GL reaction with unlabelled strand 2, the gel was stained 
with 1XSybr Gold for 10 min while shaking, and the gels were imaged with 
526 nm excitation and 532 nm emission. For GL reaction with Cy3-labelled 
strand 2, the gel was directly imaged by excited at 532 nm and measured 
emission at 580 nm with 30 nm filter bandwidth without staining. 
5.3.5 NGS Validation 
NGS validation uses long DNA sequences with biotinylated strand 2 prepared 
as described in Section 5.3.2.2. The streptavidin beads with DNA after GL 
reaction was incubated with freshly prepared 0.1 M sodium hydroxide at room 
temperature for 12 minutes, then the beads were pelleted and supernatant 
was discarded. The beads were washed with 150 µL BB-4 twice and used as 
a template for on-bead PCR as described in Section 5.2.1.1 for 12 cycles. The 
beads were pelleted and the supernatant was recovered for standard library 















prep procedure using NEBNext Ultra Library Prep Kit for Illumina (NEB). The 
obtained library was subjected to 12 cycles of PCR amplification with Taq 
Polymerase, and quantified with KAPA Library Quantification Kit (KAPA 
Biosystems, Roche) for single-end sequencing on a MiSeq using the MiSeq 
Reagent Kit v3 (150-cycle, Illumina). 
5.4 Cryo-EM Study in Chapter 4 
5.4.1 DNA Preparation 
DNA preparation was as described in Section 5.2.1.1 with the following 
addition: after purification with the GeneJet Kit, the DNA was concentrated 
using an Amicon 10 kDa column until the DNA concentration is above 1000 
ng/µL.  
5.4.2 Nucleosome Preparation 
5.4.2.1 Assembled by Salt Dilution 
DNA (213 pmole) was mixed with recombinant histone proteins (181 pmole, 
NEB) in the molar ratio of histone: DNA = 0.853 at 2 M NaCl at 1XDTE buffer 
with 0.01% Triton X-100 (1XDTTE buffer) with a total sample volume of 85 µL. 
After incubating at room temperature for 30 minutes, the mixture was 
sequentially diluted with 1XDTTE buffer with 30 minutes incubation between 
two dilutions. The salt concentration was reduced gradually from 2 M NaCl to 
1.5, 1.0, 0.6, 0.25 and finally to 0.12 M NaCl. The mixture was then ready for 
concentrating prior to cryo-EM grid preparation. 
5.4.2.2 Assembled by Salt Dialysis 
DNA (260 pmole) was mixed with recombinant histone proteins (222 pmole) in 
the molar ratio of histone: DNA = 0.853 at 2 M NaCl at 1XDTE buffer (total 
sample volume 400 µL), and dialyzed in the Slide-A-LyzerTM MINI Dialysis 
Devices (MW 10 kDa cut off, 0.5 mL) in 15 mL conical tubes filled with dialysis 
buffers (1XDTE buffer and NaCl concentration successively decreased from 2 
M to 0 M). The salt concentration was gradually reduced to 0 M in four 
intermediate salt concentrations (1.5, 1.0, 0.6 and 0.25 M NaCl) over 24 hours 
at 4°C. The dialysis buffer was changed at 1.5 hour interval, and dialyzed 
overnight at 0 M NaCl, and then changed to another tube of fresh 0 M dialysis 
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buffer and repeat dialysis for 1.5 hours. The mixture was recovered from the 
dialysis device in preparation for concentrating. 
5.4.2.3 Nucleosome Concentration for Cryo-EM Sample Preparation 
Nucleosomes were concentrated with a BSA-passivized Amicon 10 or 30 kDa 
column. The passivation was done by filling the Amicon filter with 550 µL 
freshly dissolved 1% BSA in the nucleosome assembly buffer, and incubating 
either overnight at 4°C or 2 hours at room temperature. The BSA solution was 
then discarded and the column filter was washed vigorously with 550 µL 
nucleosome assembly buffer three times to remove non-binding BSA. The 
nucleosome solution was then added into the filter for concentrating. 
5.4.3 Nucleosome Quality Check with Native Gel Electrophoresis 
The procedure was the same as described in Section 5.2.1.4. 
5.4.4 Cryo-EM Sample Preparation and Data Collection 
The procedure of grid preparation, imaging and structural determination was 
performed by Dr Ben Luisi, Dr Dimitri Chirgadze and Dr Kotryna Bloznelyte, 
Department of Biochemistry, University of Cambridge. Quantifoil R1.2/1.3 
holey carbon cupper grids were used for cryo-EM sample preparation. 3 µL 
samples were loaded on the face of the freshly glow discharged grid (2 mins 
at 25 mAmp with PELCO easiGlow machine), and the grid was attached onto 
a Vitrobot (Thermo Fisher Scientific) for the sample vitrification. The chamber 
was kept constant at 4°C and 100% humidity. After blotting for 3 s with blot 
force -5 or 0, the grid was plunge-frozen in liquid ethane, cooled with liquid 
nitrogen. The grids were stored in liquid nitrogen before screening and data 
collection. Grid screening was done using a Talos Arctica 200kV FEG cryo-
transmission electron microscope (cryo-TEM) with autoloader from FEI 
(Thermo Fisher Scientific), and data collection was done using a Titan Krios 
300kV FEG cryo-transmission electron microscope from FEI (Thermo Fisher 
Scientific) equipped with sample autoloader, Falcon 3 and Gatan’s K3 
detectors, and GIF Quantum LS imaging filter. Electron micrographs were 
recorded by exposing the grid for 2s on a Titan Krios at 300 kV at a nominal 
magnification of 75kX, giving a resolution of 1.1 Å/pixel. Data was collected 
with defocus range of -1.9 to -3.3 with step 0.2, giving a dose rate of 42.6 
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e/Å/sec, and 2 exposures per hole. 
5.5 Proteomics Study in Chapter 4 
5.5.1 DNA Preparation 
DNA preparation was as described in Section 5.2.1.1 with the biotinylated 
forward primer.  
5.5.2 Nucleosome Preparation 
Nucleosome preparation was as described in Section 5.4.2.1. 
5.5.3 Protein Pull-Down Experiments and Proteomics Analysis 
The guard nucleosomes and bait nucleosomes (both 2.52 µg) were 
immobilized separately on DynabeadsTM MyOneTM Streptavidin T1 beads 
washed three times with WB-1 (10 mM Tris-HCl pH 8.0, 125 mM NaCl, 0.2 
mM EDTA and 0.01% Triton X-100, all working concentration) by incubating 
at 4°C for 2 hours while rotating in a 250 µL PCR tube. The guard 
nucleosomes on beads were washed three times with 125 µL BB-2 (20 mM 
HEPES pH 8.0, 100 mM NaCl, 0.2 mM EDTA, 20% Glycerol, 1 mM DTT, 
0.1% Triton X-100 and 1X cOmpleteTM mini EDTA-free protease inhibitor 
cocktail (Roche), all working concentration). The supernatant from the guard 
nucleosomes on streptavidin beads was removed and 2.52 µg HeLa S3 
nuclear extract (Abcam, Cambridge, UK) diluted with BB-2 to 190 µL was 
added and incubated at 4°C for 2 hours. The nuclear extract was 
subsequently recovered and added to the bait nucleosome already washed 
three times with 125 µL BB-2. After incubating at 4°C overnight, the bait 
nucleosome was recovered by pelleting the beads using a magnet, and 
washed five times with BB-2. The proteins pulled down by the bait 
nucleosome were eluted by 16 µL 1XLDS buffer (diluted with MQ H2O from 4 
X NuPAGETM LDS Sample Buffer) and heated at 95°C for 5 minutes. The 
supernatant was run 2 cm into a 4-12% Bis-Tris SDS protein gel in 1 X MOPS 
SDS buffer, and the protein bands were visualized by InstantBlueTM 
Coomassie Protein Stain (Expedeon, Cambridge, UK), excised and submitted 




6.1 UV Melting Curves for All Samples 
 
Figure 6-1. Examples of melting curves (raw data) for UV melting experiments detailed in 
Section 2.2.1. A.U. stands for arbitrary unit. 
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Figure 6-2. Normalized melting curves corresponding to Tm values in Figure 2-3. Curves 
obtained from three measurements are shown in solid, dashed and dotted lines. 
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6.2 Nucleosome Occupancy Measurements 
Upon binding, the dye exhibits a large fluorescence enhancement and thus 
allows quantitative detection of GelRed bound nucleic acid. The staining time 
with GelRed was screened from 5 minutes to 2 hours at 4 °C, and the 
nucleosome% calculated were the same. 
 
Figure 6-3. (a) Structure of GelRed; (b) Excitation (left) and emission (right) spectra of 
GelRed bound to dsDNA in TBE buffer (taken from Biotium product information sheet). 
 
 
Figure 6-4. Chemical structure of Cy3 and Cy5 fluorescence labelling, attached covalently to 
the 5’ end of the sugar of the first nucleoside. The excitation and emission spectra were 
created by Fluorescence SpectraViewer (ThermoFisher Scientific), with the excitation and 
emission filter wavelength taken from Typhoon setting. Cy3 fluorescence was excited at 532 
nm and measured emission at 580 nm with 30 nm filter bandwidth; Cy5 fluorescence was 




Figure 6-5. The excitation and emission spectra of Cy3 and Cy5 fluorescence labelling. Cy3 
fluorescence was excited at 532 nm and emission measured at 580 nm with 30 nm filter 
bandwidth; Cy5 fluorescence was excited at 633 nm and emission measured at 670 nm with 
30 nm filter bandwidth (figure created by Fluorescence SpectraViewer, ThermoFisher 
Scientific, with the excitation and emission filter wavelength taken from Typhoon setting).  
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6.3 Reactions Related to BS/oxBS/redBS-seq for xC Position 
Profiling 
 
Figure 6-6. Reactions related to BS/oxBS/redBS-seq for xC position profiling in Section 
3.2.11.2. Reactions were drawn according to Booth et al.329.  
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6.4 Condition Optimization for Competition and Nucleosomal 
DNA Recovery 
First, the nucleosome formation conditions were screened to select for the top 
10% of total DNA with the highest affinity towards histone. With fixed histone 
+ NAP-1 + ACF (MM, shown in Figure 3-4 and Table 3-1) input, the DNA input 
amount was screened between 250 to 650 ng per 15 µL assembly reaction 
(Figure 6-7). However, even 650 ng DNA input cannot achieve 10% selection.  
To avoid overloading, the DNA input amount was set to be 600 ng, and the 
MM concentration in the nucleosome assembly reaction was screened to 
further reduce nucleosome percentage. The screening results indicate that 
around 60% MM and 600 ng DNA input in each assembly reaction will give 
10% nucleosome. 
 
Figure 6-7. DNA amount and MM% input screening for xC competition for 10% DNA 
incorporation into the nucleosome. DNA amount was screened between 250 to 650 ng, and 
MM% input was screened between 10% to 75%. 
During the screening process, it was observed that the free DNA and 
nucleosome band was streaking across the entire lane when run on 6% DNA 
retardation gel. This had to be eradicated, as once the nucleosomal DNA is 
contaminated with free DNA, which was not selected for nucleosome-
formation, they cannot be distinguished due to their identical sequence, and 
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thus give misleading results during xC profiling. Separating free DNA from 
nucleosomal DNA is essential. In order to do this, different percentages (4 – 
12%) of native gel were tested as shown in Figure 6-8. 
 
Figure 6-8. Gel percentage screening for optimum condition to separate nucleosomal DNA 
and free DNA cleanly.  
It was observed that an increase in gel percentage caused the nucleosome 
band to gradually shift up with respect to the ladder bands (from below 400 bp 
to above 500 bp), despite the constant position of free DNA with respect to 
the 200 bp marker. Therefore, the distance between the nucleosome and 
DNA gradually increased, and separation became cleaner. It appears that 
10% native gel can cleanly separate free DNA from nucleosomal DNA.  
 
To ensure fair and thorough competition, the nucleosome assembly reaction 
was assembled together in siliconized tubes in an eppendorf incubator, with 
300 rpm shaking to facilitate the effective diffusion of components. The 
nucleosome assembly reaction was incubated overnight to allow the Widom 
DNA bearing the most nucleosome-favouring xC combination to become 
incorporated into the nucleosome.  
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The nucleosome assembly mixture was resolved on 10% native gel, with the 
control nucleosome run alongside to indicate the correct nucleosome band 
position, since with the increase of gel percentage from 6% to 10%, the 
nucleosome no longer migrates between the 300 and 400 bp markers. As 
shown in Figure 3-24, the position of nucleosomal DNA was elucidated with 
GelRed staining and the control nucleosome position, and recovered by 
cutting out the gel slice, finally crushing it into a gel slurry. It was repetitively 
soaked with 1XTE buffer pH 8.0 (at least 3 stages of extraction to increase the 
recovery yield) while vigorously shaking at 800 rpm at 4°C to prevent fC from 
reacting and reducing DNA degradation. SDS was added into the extraction 
buffer to deform the gel matrix and nucleosome, allowing the nucleosomal 
DNA to diffuse out. The extracted DNA was concentrated and digested with 
Proteinase K, to remove histone proteins and biological assisting factors. The 
resultant mixture was further purified using a silica-based column to remove 
GelRed, Proteinase K and amino acid fragments from previous digestion, to 
reduce possible interference with subsequent xC profiling. The DNA was 
further purified using a gel filtration column, as the DNA extracted from gel 
tends to have an unidentified high peak at around 230 nm, interfering with UV 
quantification. 
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6.5 GL Method Validation 
6.5.1 NGS Results 
 
Table 6-1. Number of reads for each gap position and different C modification incorporation 
for the correct incorporations (C), deletions (mis-ligated product), mutations (T/G/A rather 




Table 6-2. Percentage of total reads for each gap position and different C modification 
incorporation for the correct incorporation (C), deletions (mis-ligated product), mutations 
(T/G/A rather than C), and insertions (more than one C incorporated). 
6.6 Cryo-EM Initial Sample Screen and Condition Optimization 
(DNA and nucleosomes were prepared by me; grid preparation, imaging and 
structural determination was done by Dr Ben Luisi, Dr Dimitri Chirgadze and 
Dr Kotryna Bloznelyte, Department of Biochemistry, University of Cambridge) 
6.6.1 Cryo-EM Background and Workflow 
Cryo-EM solves molecular structure by bombarding samples with an electron 
beam and detecting the interference between the electron beam and the 
sample. In order to prepare samples for the bombardment, the sample is 
loaded onto a grid blotted to remove excessive solution to form a thin film. 
Then the grid is rapidly plunged into liquid ethane (boiling point (b.p.) 184.6 K) 
cooled by liquid nitrogen (b.p. 77.36 K) for rapid freezing. Liquid ethane was 
chosen for its high heat exchange rate. Under these conditions, the thin film of 
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aqueous solution forms vitreous (non-crystalline) ice, where the molecular 
structure can be maintained. The grid is loaded onto the electron microscope, 
which is maintained under vacuum and cooled by liquid nitrogen. An electron 
beam subsequently bombards the sample to produce terabytes of 2D movie 
data of the molecules with free orientations. These 2D images are subjected 
to computational analysis to reconstruct the 3D structure.  
6.6.2 Advantages and Limitations of Cryo-EM 
The advantages of cryo-EM to resolve nucleosome structure over other 
conventional structure determination techniques such as EM and X-ray 
crystallization, are as the following: 
 
During the electron bombardment for imaging, the majority of electrons will 
only change direction while maintaining the same energy. A small fraction of 
electrons, however, will transfer the energy to the sample, causing radiation 
damage to the sample. In traditional EM performed at room temperature, a 
low dosage of electron beam has to be used to avoid excessive damage, and 
thus compromises the resolution. In order to increase the sensitivity, dyes with 
heavy atoms are used to coat the surface of the molecule to intensify the 
contrast. However, it has been reported that the dyes can cause sample 
flattening and structure distortion.368 In contrast, cryo-EM is imaged at the cold 
temperature maintained by liquid nitrogen, which effectively reduces the 
radiation damage towards the sample during bombardment, and thus a higher 
dose of electron beam can be employed to elucidate the structure without the 
need to use staining as in traditional EM, while producing higher resolution. 
 
Table 6-3. Comparison between the cryo-EM and X-ray crystallization in sample preparation 
and structure determination. 
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Cryo-EM exceeds X-ray crystallography in aspects such as sample 
preparation, molecular environment and imaging results (Table 6-3). For cryo-
EM, each grid only requires 3-4 µL of sample with a concentration about 0.2-2 
mg/mL, while crystallization requires significantly more sample and so is more 
expensive and laborious to prepare. In addition, the buffer choice for cryo-EM 
is relatively flexible, allowing examination of the structure under various 
conditions. Only glycerol cannot be used as it decreases the contrast between 
the nucleosome and solvent, and leads to the undesirable signal-to-noise ratio 
decrease. In contrast, crystallization has a high requirement on solution 
composition in order to crystallize. The search for suitable crystallization 
condition is mostly empirical and requires meticulous screening, patience and 
time for crystal growing, and luck. Thus obtaining the crystal alone can be a 
daunting and time-consuming mission. Growing crystals and solving 
structures by X-ray diffraction often require exceptionally high homogeneity of 
the molecule, so the molecules need to be of high purity and in one 
conformation. However, with cryo-EM, impurities can be cleaned in silico, and 
different confirmations can be classified and analysed separately. Without the 
need for growing crystals, the sample preparation for cryo-EM is relatively 
simple and fast. Finally, the results obtained by cryo-EM resemble the 
structures in aqueous solution, which is more relevant to provide explanation 
for phenomena observed in other aqueous-based experiments; whereas in X-
ray crystallography, the crystalline samples might be in different 
conformations and hydration states from molecules in aqueous solution. In 
terms of imaging results, cryo-EM provides direct magnified images of target 
molecules, whereas this is not possible for X-ray crystallography, in which the 
phase and amplitude of diffraction are measured, and the electron cloud of 
the molecule can be computed. 
 
Regardless, the cryo-EM does have its shortcomings compared to X-ray 
crystallography in aspects such as resolution and condition screening process. 
X-ray crystallography can reach near-atomic resolution, which can be rarely 
achieved by current cryo-EM techniques. Nevertheless, with the development 
of more powerful microscopes and computing algorithms, the resolution of 
cryo-EM is increasing rapidly. As for condition screening, thanks to the long 
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history of X-ray crystallography, the crystallization condition screening has 
been largely automated (such as Dragon Fly, Phoenix and Mosquito), which 
allows high-throughput finecombing without too much hands-on time, whereas 
cryo-EM samples need to be loaded on grids separately, different conditions 
need to be manually prepared individually. Additionally, checking for the 
existence of crystals for X-ray crystallization is very swift, requiring only a few 
seconds inspection under a common light microscope. Moreover, with 
automated imaging system (e.g. Rock Maker), image checking schedule can 
be set, and the images will be automatically uploaded onto a website, 
eliminating the need for a light microscope. On the contrary, sample screening 
for cryo-EM requires access to a high-power electron microscope such as 
Talos Arctica (200 kV), maintained at demanding conditions (vacuum and 
cooled by liquid nitrogen), and the screening of even a single grid requests 
both expertise and hours for each condition. 
 
Due to the length of time needed for each screening condition conflicting with 
large demand of the machine, the screening opportunities on Talos Arctica 
are very precious and scarce. Thus the search for suitable nucleosome 
conditions was first explored by native gel electrophoresis before examination 
on Talos Arctica. 
6.6.3 Nucleosome Condition Screening and Optimization 
6.6.3.1 Initial Screening and Conditions 
Nucleosomes containing fully fC modified Widom DNA were assembled by 
salt assistant method (Figure 6-9), as the biological chaperones and PGA are 
too close to the size of the nucleosome, adding complexity to particle picking 
for structural reconstruction.  
 
Figure 6-9. Schematic illustration for nucleosome assembly by salt dilution. The figure is not 
drawn to scale. 
Recombinant histones were used to prevent the possible structural 
heterogeneity caused by various histone PMTs that exist in histone extracted 
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from chromatin, and post difficulty for structural reconstruction. DNA and 
recombinant histone were combined at 2 M NaCl, completely shielding the 
electrostatic interaction between DNA and histone. The salt concentration was 
gradually reduced by diluting the reaction mixture with no salt buffer until the 
final salt concentration reached 0.25 M. During this process, DNA was 
gradually loaded onto histones to form nucleosomes in 63 ng/µL, 0.31 µM. In 
order to obtain enough particles per cryo-EM scan, the nucleosome was 
concentrated down by Amicon Ultra-0.5 centrifugal filter unit (working principle 
shown in Figure 6-11f) with MW cutoff of 10 kilo Dalton (kDa) (fC-nucleosome 
MW 201.6 kDa), until the sample volume reduced from 400 µL to about 30 µL. 
Then the nucleosome was checked on gel and inspected on Talos Arctica to 
obtain cryo-EM images. 
 
Figure 6-10. workflow and conditions for nucleosome preparation, and results of native gel 
electrophoresis and initial cryo-EM attempt with examples of nucleosome (red), free DNA 
(green), aggregation (blue) and crystalline ice (black). 
The gel image shows nucleosomes, DNA and a small amount of high-order 
aggregation, which migrates slower than nucleosomes due to its large size, as 
well as a small quantity of massive aggregation that remains in the loading 
well due to its size and charge.  
 
Preliminary screening with cryo-EM (Figure 6-10) confirmed the observations 
obtained from gels. Side and top views of nucleosome particles (red circle) 
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can be seen. The free DNA (green arrow) is also plainly visible on the grid, 
stretching approximately 450 angstroms (Å) end-to-end, which corresponds to 
the length of Widom DNA (147 bp, theoretical length 464.8 Å assuming 
perfect B-form DNA). The free DNA can be picked out in silico, and does not 
interfere with analysis. However, the aggregation of nucleosomes (blue circle) 
will affect structure determination, as these nucleosomes are not in well 
isolated states. 
 
The sample condition required further optimization to increase the density of 
well-isolated nucleosome for 3D structural reconstruction. This issue was 
addressed from the following two angles: increasing nucleosome 
concentration and decreasing the aggregation. 
6.6.3.2 Proposed Strategies for Condition Optimization 
In order to increase the nucleosome concentration, the following methods 
were proposed (summarized in Figure 6-11a and b).  
 
As there is free DNA present, the amount of nucleosomes might be increased 
by adding more histones to push the equilibrium towards the side of the 
nucleosomes (Figure 6-11c). In addition, nucleosome concentration can be 
increased by simply preparing more nucleosome sample and concentrating to 
a smaller volume. Moreover, nucleosomes could also be lost through non-
specific interactions during sample preparation and concentrating. Such loss 
could be reduced by using siliconized tubes during nucleosome assembly, 
and passivized Amicon columns for concentrating. The passivation was done 
by filling the Amicon filter with freshly dissolved 1% BSA in the nucleosome 
assembly buffer, and incubating either overnight at 4°C or 2 hours at room 
temperature. The BSA solution was then discarded and the column filter was 
washed vigorously with the nucleosome assembly buffer three times to 
remove non-binding BSA. The nucleosome solution can be subsequently 




Figure 6-11. Proposed strategies and relevant information for nucleosome condition 
optimization: (a) to increase the nucleosome concentration; (b) to prevent/reduce aggregation 
formation; (c) equilibrium between DNA, histone and nucleosome;(d) structure of Triton X-100; 
(e) structure of DTT (f) Amicon column working principle. 
Simply increasing the nucleosome concentration may exacerbate unwanted 
nucleosome aggregation, thus the following methods were attempted (Figure 
6-11b).  
 
First, 1 mM dithiothreitol (DTT, structure shown in Figure 6-11e) was added to 
break any disulfide bonds that formed between nucleosomes and undesirably 
strengthened the aggregation. Salt was also tested to reduce the aggregation 
by shielding the electrostatic interactions between nucleosomes. In addition, 
detergents such as Triton X-100 (structure shown in Figure 6-11d) could be 
employed to break up the aggregation, as well as reduce the nucleosome loss 
by non-specific interactions. Furthermore, the Amicon filter cut-off was 
increased from 10k to 30k to accelerate the concentrating step and reduce 
possible aggregation formed by local high concentration during spinning. An 
ultracentrifugation step for 10 minutes at 4°C at 10 krcf was added at the end 
of sample preparation to pellet down the precipitation formed by massive 
aggregation. Additionally, as the nucleosomes are possibly prone to form 
aggregation in the concentrated state, it could be vital to prepare grids 
immediately after the concentrating and ultracentrifugation. 
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6.6.3.3 Strategy Validation with Native Gel Electrophoresis and Cryo-
EM 
All the strategies were first screened with 6% native DNA Retardation gels to 
ensure the nucleosome remains intact after implementing the changes, and 
then screened by cryo-EM Talos Arctica to see whether these strategies 
increased the sample condition.  
6.6.3.3.1 Salt  
Mg2+, reported to compact nucleosome in FRET study369, may help the 
nucleosomes stay well isolated for cryo-EM particle picking. Additionally, as 
the initial screening sample contained 250 mM NaCl, which might be the 
cause for aggregation, a concentration ranging from 0-250 mM was 
investigated. The salt concentration was adjusted by passing the 
concentrated nucleosomes through Gel Filtration (GF) columns equilibrated 
with desired final buffers as shown in the flowchart in Figure 6-12. 
 
Native gel electrophoresis indicates nucleosomes were well formed with both 
Mg2+ and Na+ without severe aggregation. However, cryo-EM revealed that 
upon concentrating, Mg2+ seems to act as glue and caused a gel like 
aggregation formed by free DNA and nucleosomes (Figure 6-12). Since the 
Mg2+ addition cannot produce isolated nucleosomes for structure 
reconstruction, Mg2+ was not used in the final condition. On the other hand, 
the decrease of NaCl concentration appeared to alleviate the aggregation. 
Thus no salt was used in the final condition. 
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Figure 6-12. The effect of salt addition on aggregation elimination. Although native gel 
electrophoresis indicated nucleosome is intact with Na+ and Mg2+, the cryo-EM showed that 
the Mg2+ can induce gel-like aggregation formation.  
6.6.3.3.2 Detergent and GF column 
Triton X-100 at concentration of 0.01% was added to break up the 
aggregation. Triton may also reduce the nucleosome lost through non-specific 
interaction during nucleosome assembly and concentrating. 
 
Triton addition in the nucleosome solution has demonstrated favourable 
effects on reducing the aggregation checked by native gel electrophoresis 
(Figure 6-13a). The sample with Triton shows significant reduction of both the 
deposit in well (likely the massive aggregation that is too large or too positive 
to enter the well) as well as the in-gel aggregation present at around 1000 bp 
ladder. Triton has also made the reaction solution less prone to bubble during 
pipetting, and thus reduced the possible denaturation. However, upon 
checking with Talos Arctica, the nucleosome density of the sample with 0.01% 
Triton did not improve as compared to the no-Triton counterpart. Higher Triton 
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concentration cannot be used as it may form micelle and interfere with the 
grid preparation and image analysis. As a result, Triton was not used in the 
final condition. 
 
Besides the initial purpose of buffer exchange, GF column treatment has also 
shown the reduction of both the deposit in the well and in-gel aggregation 
(Figure 6-13a). However, after GF column buffer exchange, both with and 
without Triton samples have shown a decrease on the absolute nucleosome 
signal intensity (Figure 6-13b), despite the same volume of samples being 
applied on the gel, indicating that there might be sample dilution and/or 
sample loss during the GF treatment. 
 
Figure 6-13. The effect of detergent, 0.01% Triton, and GF column on aggregation elimination: 
(a) plot of the quantification for the effect. Deposit refers to the deposit in the well that is too 
large to enter the gel; agg. refers to the aggregation present slightly around 1000 bp ladder. 
The effect was quantified before and after the GF column purification. The quantifications 
have taken into consideration both the sample dilution after GF column as well as the sample 
concentration difference between “no Triton” sample and “with Triton” sample; (b) effect of GF 
column treatment on the nucleosome concentration. 
6.6.3.3.3 Histone:DNA Ratio 
The equilibrium between histone, DNA and nucleosome can be pushed 
towards nucleosome formation by adding more DNA or histone, creating more 
nucleosome particles for structure reconstruction. Both histone in excess and 
DNA in excess have been tried.  
 
A rise in histone input did increase the incorporation percentage of free DNA 
into nucleosome checked by native gel electrophoresis, however the absolute 
amount of nucleosome reduced when more histones were added. This 
indicates that the nucleosome might have been lost during sample 
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preparation. Indeed, the cryo-EM (Figure 6-14) image indicated that the 
nucleosome particle density was really low for the histone-surplus samples. 
 
Surprisingly, reducing histone input actually improved the absolute amount of 
nucleosome compared to the other two ratios tested, despite the same 
amount of DNA being used in all three samples. Cryo-EM has also shown that 
nucleosomes prepared with less histone than DNA are in a well-isolated state. 
Thus the final condition was set to be DNA in excess for nucleosome 
assembly.  
 
This observation agrees with previous publication265, that excessive histone 
can induce chromatin aggregation, while DNA in excess prevents the 
aggregation. 
 
Figure 6-14. The effect of histone:DNA input ratio on nucleosome amount and particle density. 
In this experiment the DNA input was kept constant and histone input was varied for ratio 
screening. 
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6.6.3.3.4 Nucleosome Concentrating 
For structure reconstruction, maximum nucleosome particles are required. 
However if the nucleosome concentration is too high, the basic histone tails 
may potentially interact with the acidic patch of the neighbouring 
nucleosomes370, 371, and form aggregation. Thus different nucleosome 
concentrations were screened, and the cryo-EM results revealed that the 
concentration slightly below 2 mg/mL managed to give a good particle density 
without aggregation (Figure 6-15). 
 
Figure 6-15. The electron micrographs collected for nucleosome samples at different 
concentrations. 1.95 mL/mL gives the best particle number without massive aggregation. 1.52 
mg/mL has too few particles present, while 2.13 mg/mL is too concentrated and nucleosomes 
are severely aggregated. 
Aggregation could also form during concentrating with Amicon column. As 
nucleosomes tend to crowd at the bottom of the filter with prolonged 
concentrating spinning, a high local concentration can lead to aggregation 
formation. The concentrating step, therefore, needs to be kept to a minimum. 
The concentrating time is significantly shortened when using Amicon 30k 
instead of 10k MW cut-off, with the solution inside the filter pipette mixed 
every 2 minutes, to reduce local over-concentrating. 
 
However, simply increasing the nucleosome concentration by shrinking the 
volume does have its limitations. It was observed that when the nucleosome 
was concentrated above 1.49 mg/mL, the precipitation started to emerge, and 
further concentrating even by a few microlitres (to 23 µL for 1.95 mg/mL and 
21 µL for 2.13 mg/mL) had a big effect on the amount of precipitation. 
Precipitation also leads to decreased nucleosome density, thus during 
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nucleosome concentrating it needs to be monitored closely for the 
precipitation once the concentration increased beyond 1.4 mg/mL. 
6.6.3.3.5 Nucleosome Assembly by Dialysis vs. Dilution 
In order to further reduce the time between the start of concentrating and grid 
preparation, the dialysis method (Figure 6-16) was used to assemble 
nucleosomes instead of the dilution method, for the following reasons: 
 
 
Figure 6-16. Schematics for (a) experimental setup and (b) workflow for nucleosome 
assembly by salt dialysis method. 
The final nucleosome volume of salt dilution is drastically higher than salt 
dialysis due to the experimental setup. As shown in Figure 6-9, in order to 
reduce the salt concentration from 2 M NaCl to 0.25 M by dilution, the final 
sample volume will be eight times of the initial volume. On the contrary, the 
dialysis method allows the sample volume to stay virtually constant 
throughout the assembly. Thus the concentrating time for dialysis sample is 




Figure 6-17. Comparison between the workflow of nucleosome assembly by salt dilution and 
salt dialysis. In the salt dilution method, the nucleosome is assembled in assembly buffer 
(marked in yellow), and changed to the desired buffer for cryo-EM (marked in blue) by GF 
column buffer exchange. In contrast, the salt dialysis method enables the nucleosome to 
remain in the desired buffer throughout. 
In addition, the screening of different buffer conditions for the dilution method 
was achieved by passing the concentrated nucleosome through GF column 
equilibrated with desired buffer (Figure 6-17). In contrast, with the dialysis 
method, the buffer can be directly adjusted via dialysis, shortening the period 
between concentrating and grid preparation, and further reducing the chance 
for aggregation formation. The sample loss/dilution during the GF column 
treatment can also be avoided. In addition, since the buffer change in the 
dialysis method is done gradually, the dilution method is completed within a 
very short time and less environment shock will be posted on the 
nucleosomes.  
 
The aggregation is also likely to develop during the period after concentrating 
but before freezing in liquid ethane. It is imperative to prepare grids 
immediately after concentrating. 
6.6.3.3.6 Summary of Screening Results for Proposed Strategies 
After screening various parameters (summarized in Table 6-4), the final 
condition was set (summarized in Figure 4-3). Nucleosomes were assembled 
with histones and DNA at the ratio of 0.853. Dialysis was used to gradually 
remove salt from the assembly mixture and deposit the DNA onto histone. 
The nucleosome was then dialyzed against no salt and no detergent buffer. 
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The nucleosome obtained was concentrated down with Amicon column with 
30k MW cut-off, and then ultracentrifuged to remove the possible precipitate. 
The nucleosome sample was loaded onto grids and plunge frozen in liquid 
ethane. The grids were finally loaded onto Titan Krios to collect data for 
structure reconstruction (Section 4.2.2).  
 
Table 6-4. Summary of screening results for proposed strategies. The conditions highlighted 
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